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Outline
The research presented in this thesis focuses on organization of cortical micro-
tubules and cellulose microﬁbrils. Chapter 1 is a review of literature on the organi-
zation and function of cortical microtubules and cellulose microﬁbrils. We discuss
the relation between cortical microtubules and cellulose microﬁbrils and how their
organization inﬂuences the cell shape.
In chapter 2 we investigate how cortical microtubules reappear and become
ordered after absence from the cell cortex during cell division or depolymerization by
microtubule depolymerizing drugs. We combine quantitative analysis of microtubule
order and microtubule nucleations. We use probabilistic simulations to characterize
how the ordered cortical microtubule array is created.
Chapter 3 investigates the journey cellulose synthase complexes take after their
assembly in Golgi bodies until their insertion into the plasma membrane. We study
how the actin cytoskeleton inﬂuences the global distribution of Golgi bodies and we
study interactions between compartments containing cellulose synthase complexes
and cortical micrtoubules. We also study the role of cortical microtubules in guid-
ing the location at which cellulose synthase complexes are inserted in the plasma
membrane.
In plant cells, there are two major classes of cytoskeleton, the microtubules and
the actin cytoskeleton. Microtubules are important for the localization of certain
cellular processes and the actin cytoskeleton is important for movement of proteins,
organelles and metabolites. In chapter 4 we study physical interactions between the
actin and microtubule cytoskeleton.
Plants can change the direction of growth in response to light perception. We
know that for changes in growth, changes in cortical microtubule organization are
often needed. In chapter 5we study how, andbywhatmechanism, blue light signaling
causes reorientation of the cortical microtubule cytoskeleton.
Cortical microtubules are essential for anisotropic expansion in plant cells, but
the processes downstream of cortical microtubule organization that facilitate reg-
ulated cell growth is not known. In chapter 6 we discuss what kind of processes
the cortical microtubules may be regulating that actually result in anisotropic cell
expansion.
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Introduction 1
1.1 Abstract
Plant cell wall production is a membrane-bound process. Cell walls are composed
of cellulose microﬁbrils, embedded inside a matrix of other polysaccharides and
glycoproteins. The cell wall matrix is extruded into the existing cell wall by exocytosis.
This same process also inserts the cellulose synthase complexes into the plasma
membrane. These complexes, the nanomachines that produce the cellulose mi-
croﬁbrils, move inside the plasma membrane leaving the cellulose microﬁbrils in
their wake. Cellulose microﬁbril angle is an important determinant of cell develop-
ment and of tissue properties and as such relevant for the industrial use of plant
material. Here, we provide an integrated view of the events taking place in the not
more than 100 nm deep area in and around the plasma membrane, correlating recent
results provided by the distinct ﬁeld of plant cell biology. We discuss the coordinated
activities of exocytosis, endocytosis, and movement of cellulose synthase complexes
while producing cellulose microﬁbrils and the link of these processes to the cortical
microtubules.
1.2 Introduction
Plant cell walls are sophisticated, complex and dynamic structures composed of net-
works of various polysaccharides, glycoproteins and phenolic compounds (Carpita
and Gibeaut, 1993; McCann et al., 2001). In many plant cell types, cellulose, the
most abundant biopolymer on earth, is the main cell wall component. Cellulose
is present in cell walls as long cellulose microﬁbrils (CMFs) that wrap around the
cells providing them with a load-bearing framework and necessary rigidity to restrain
the cell’s turgor pressure that results from hydrostatic pressure exerted on the cell
walls (Diotallevi and Mulder, 2007). The orientation of CMFs, which have a tensile
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strength comparable to that of steel, is central to regulation of cell elongation, and
CMF deposition orientation after cell elongation is essential to ensure proper wall
strength.
Cell walls are biphasic structures; they are composed of CMFs, embedded inside
a matrix of other polysaccharides and glycoproteins. This biphasic structure is pro-
duced by two separate, but connected deposition mechanisms. The matrix materials
are extruded by exocytosis into the cell wall. This same process also inserts the
cellulose synthase complexes (CSCs) into the plasma membrane. These complexes
are the nanomachines that produce the CMFs from UDP-glucose recruited from the
cytoplasm, depositing them into the wall in a membrane-bound process.
TheCMFs are crystalline arrays ofβ-1,4-linked chains of glucose residues (Delmer,
1999). Measurements with wide angle (WAXS) and small angle (SAXS) X-ray scat-
tering and NMR have revealed that the diameter of cellulose microﬁbrils of celery
collenchyma is between 2.4 and 3.6 nm (Kennedy et al., 2007), which is consistent
with previously published data, including measurements from TEM images (Emons,
1988). Kennedy et al. (2007) argue that this diameter range corresponds to between
15 and 25 cellulose polymers per microﬁbril, rather than the commonly quoted
number of 36, which is strongly based on the implications of the observed 6-fold
symmetry of the membrane-embedded part of the CSC, the so-called particle rosette.
The angle with respect to the long axis of the cell at which the CMFs are deposited
is an important determinant of cell growth behaviour and cell wall properties. The
totality of all individual CMFs is organized into a variety of patterns, cell wall textures,
which are species- and cell developmental stage-speciﬁc and thus regulated by the
cells they surround. Therefore, the regulation of CMF angle is an important issue.
In elongating cells, CMFs at the outside and cortical microtubules at the inside of
the plasma membrane are often in the same net orientation, transverse to the cell’s
elongation direction (Lloyd and Chan, 2004), and cortical microtubules border the
area in tracheary elements where wall thickening of almost 100% cellulose occurs
(Oda et al., 2005). Topical work, in which both cortical microtubules and CSCs were
visualized in living cells, epidermis cells of elongating etiolated hypocotyls, shows that
cortical microtubule orientation and the oriented movement of CSCs are correlated
(Paredez et al., 2006). This seems to reduce the question of CMF ordering to the
question of the ordering of cortical microtubules, at least in these cells. However, in
the absence of the cortical microtubules the CSCs move in a deﬁnite pattern as well,
pointing to the existence of an underlying non-cortical microtubule based ordering
mechanism for CMFs.
All this CMF production activity and alignment occurs in and at the plasma
membrane while exocytosis and endocytosis are going on. Figure 1.1 (A) shows the
cytoplasmic side of the plasma membrane of the sub-apex of a growing radish root
with microtubules longitudinal to the long axis of the root hair and an abundance
of coated pits. In this review, we discuss the current knowledge of these processes.
First, we discuss membrane turn over: the exo- and endocytosis mechanisms. Then
we present the CSCs, physical considerations of CMF production, the organization
of the CMFs, and confer attention to the organization of the polymers at the other
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side of the plasma membrane, the cortical microtubules. Lastly, we discuss the
coordination of all this activity, taking into account the physical aspects pertaining to
the processes occurring in that limited area of approximately 100 nm bordering the
plasma membrane.
1.3 Membrane turnover
Exocytosis is the process in which the membrane of cargo containing vesicles fuses
with the plasma membrane, while delivering their cargo to the outside of the cell.
Figure 1.1 (B) shows exocytotic structures at the plasma membrane of embryogenic
carrot suspension cells. Exocytosis is an important part of the generally coupled
processes of plant cell elongation and cell wall deposition. Material contained inside
(Golgi) vesicles is extruded out of the cytoplasm into the existing cell wall, and this
is combined with insertion of integral membrane proteins, such as for instance
the CSCs, into the plasma membrane. The vesicle membrane encloses a three-
dimensional sphere, whereas the plasma membrane by comparison is effectively a
ﬂat plane. This purely geometrical mismatch in surface-to-volume ratio between
these two structures results in an excess of membrane that is inserted into the plasma
membrane when compared with the deposition of the vesicle contents into the
extra-cellular lumen. To ensure that the membrane lies straight against the cell wall,
and does not rufﬂe, excess membrane retrieval is required. Indeed, the cytoplasmic
side of the plasma membrane is covered with many coated pits, demonstrating that
clathrin-mediated endocytosis occurs abundantly (Emons and Traas, 1986). Besides
regulating the amount of plasma membrane, endocytosis has been hypothesized
to be involved in rapidly generating membrane supply during cell plate formation
(Dhonukshe et al., 2006). However, recently it has been shown that this hypothesis is
not true and that also vesicles that form the cell plate are Golgi-derived (Reichardt
et al., 2007).
Figure 1.1 (C) is a detail of a coated pit in the sub-apex of a growing Equisetum
hyemale root hair. Calculations have been made to estimate the number of exocytosis
and/or endocytosis vesicles required for cell elongation to occur. Miller et al. (1997)
calculated that in E. hyemale root hairs, in which the growth velocity is approximately
0.67 μm min −1 (Emons and Wolters-Arts, 1983), the extension of the plasma mem-
brane requires 148 exocytotic vesicles with a measured diameter of 300 nm (Emons,
1987) per minute. In combination with an estimated membrane turnover time of
20-40 min, calculated from the amount of coated pits (Emons and Traas, 1986), this
leads to a requirement of 445 vesicles per minute to sustain membrane recycling
and cell expansion. In this calculation, 67% of the inserted membrane needs to be
recycled. In Lilium pollen tubes, Morre and Van der Woude (1974) estimated the
amount of exocytotic vesicles by assuming that the volume of the exocytotic vesicles
contributed to the cell wall expansion stoichiometrically. They obtained a value of
approximately 1000 vesicles per minute. Ketelaar et al. (2008) assumed that the
plasma membrane surface area and cell wall volume increase stoichiometrically by
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Figure 1.1: (A) Micrograph of the sub-apical part of the cortex of a grow-
ing root hair of Raphanus sativus prepared with the dry-cleaving tech-
nique (Emons and Traas, 1986) showing coated pits on the plasma mem-
brane and microtubules on top of the membrane. The dark structures in
this micrograph are unidentiﬁed vesicles and small organelles. Bar is 1
μm. (B) Micrograph of a freeze-fracture image of a carrot suspension cell
showing exocytosis ﬁgures in the plasmatic fracture face of the plasma
membrane of a young cell. These complex horseshoe-shaped structures
are fractures through plasma membrane and vesicle membrane and
arise because, after insertion of a piece of vesicle membrane into the
plasma membrane, the vesicle ﬂattens, and the ﬂattened vesicle ﬂips
over parallel to the plasma membrane (Emons et al., 2006). Bar is 200
nm.
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Figure 1.1: (C) Detail of coated pit from a growing Equisetum hyemale
root hair prepared as described in (A). Bar is 100 nm. (D) Micrograph
showing three particle rosettes (arrows) in the plasma membrane of
a freeze fractured root hair of Equisetum hyemale (Emons, 1985). Bar
is 100 nm. (E) Micrograph of a transverse section through a root hair
of Vicia sativa prepared with the freeze-substitution method (Miller
et al., 2000) showing cortical microtubules (arrows) close to the plasma
membrane. This method, in which sections are stained with uranyl
acetate and lead citrate, has been shown not to reveal the cellulose
microﬁbrils in the cell wall (Emons, 1988), although stripes seen in such
preparations have often been called cellulose microﬁbrils. Bar is 200 nm.
(F) Micrograph of a dry-cleaved platinum-carbon shadowed preparation
showing cellulose microﬁbrils in a cell wall of the tube of a growing root
hair of Equisetum hyemale from which cell wall matrix was extracted
with hydrogen peroxide glacial acetic acid (Emons, 1989). Cellulose
microﬁbril orientations of three successive lamellae on top of each other
can be observed. Bar is 1 μm.
the membrane surface area and cell wall matrix contents of exocytotic vesicles. They
estimated that 86.7% of the inserted plasma membrane in Arabidopsis root hairs and
79% in Arabidopsis pollen tubes are recycled by endocytosis. These values are higher
than the value found by Morre and Van der Woude (1974), but of the same order of
magnitude.
Picton and Steer (1983) used a different approach to estimate the amount of
Golgi-derived vesicles that are required for pollen tube growth. Using 0.3 μg mL−1
(approximately 0.6 μM) of the actin depolymerizing drug cytochalasin D, they in-
hibited growth of Tradescantia pollen tubes. As the actin cytoskeleton serves as a
transport system to deliver exocytotic vesicles to the apex of the pollen tube, the
delivery of newly synthesized exocytotic vesicles from the Golgi apparatus to the
growing tip should be inhibited. Assuming that the production of exocytotic vesi-
cles continues at the normal rate when actin is depolymerized, the accumulation
of vesicles around the Golgi stacks in the cytoplasm was counted. After 5 min, they
calculated the increase in the density of Golgi-derived vesicles and used this value to
calculate the number of exocytic vesicles that would be consumed for pollen tube
growth during that time. They estimate a production of 3000-5000 exocytic vesicles
per minute. The reliability of this approach depends on the assumption that exocytic
vesicle production is not inhibited by actin depolymerization, which these authors
have shown not to occur in these cells (Picton and Steer, 1981).
Besides sustaining cell expansion, maintaining the ratio between cell wall volume
and plasma membrane surface area, the large numbers of exocytotic vesicles that
fuse with the plasma membrane and the large percentage of membrane recycling
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that occurs could serve as a mechanism to tightly control the amount and type of
trans-membrane proteins at the plasma membrane. One trans-membrane protein
complex of which the amount (and/or activity) in the plasma membrane requires
tight regulation for cell wall deposition is the CSC. In the next paragraph, we will
discuss the current knowledge about this complex.
1.4 Celllulose synthase complex
The supramolecular complexity of CMFs is reﬂected in their synthetic machinery,
the CSCs (Somerville et al., 2004). CSCs are large transmembrane protein complexes,
which move through the plasma membrane while producing CMFs (Paredez et al.,
2006). They have been visualized by transmission electron microscopy of freeze-
fractured membranes. These electron micrographs of plasmatic fracture faces of
higher plant plasma membranes show six particles in a hexagonal arrangement, often
at the end of a CMF. These arrangements of six particles have been called ‘particle
rosettes’, or brieﬂy, ‘rosettes’. In higher plant cells, only single rosettes have been
reported. The composing six particles are each approximately 8 nm wide, and the
total rosette diameter is approximately 24 nm (Mueller and Brown Jr., 1980; Emons,
1985) both sizes including the 2- to 5-nm-thick platinum/carbon shadow of the freeze
fracture/replication technique.
The catalytic enzyme cellulose synthase was the ﬁrst component of the CSC that
has been cloned (Pear et al., 1996). Direct genetic evidence that the CESA gene was
the cellulose synthase came from the work of Arioli et al., who complemented the
root swelling (rsw1) Arabidopsis mutant (Arioli et al., 1998). The availability of the
CESA sequence enabled the manufacture of antibodies that were used by Kimura
et al. (1999) to show that the particle rosettes indeed contain cellulose synthase
proteins.
In Arabidopsis thaliana, the cellulose synthase family contains at least ten dif-
ferent isoforms, AtCESA1 to AtCESA10, reviewed by Sommerville (2006), of which
the encoded proteins have eight membrane-spanning regions, thought to form a
pore. The catalytic centre contains the D,D,D,QxxRW motif, in which the D,D,D part
could bind UDP-glucose (Richmond and Somerville, 2000). The N-terminus contains
a double zinc ﬁnger motive called LIM domain. LIM domains in human cells are
involved in proteinÐprotein interactions. The zinc ﬁngers of cellulose synthase could
well be involved in protein interactions, for instance between CESA sub-units within
the complex, or between a CESA and another protein.
During xylogenesis in Arabidopsis, three functionally different genes CESA4, -7
and -8 are required to make functional CSCs (Taylor et al., 2003). These ﬁndings
were supported by microarray co-expression which showed very high co-expression
of CESA4, -7 and -8 during secondary cell wall production (Birnbaum et al., 2003;
Persson et al., 2005). Persson et al. (2005) also showed that genes involved in primary
cell wall synthesis CESA1, -3 and -6 were highly co-expressed. The cesa1 and cesa3
mutants are gametophytic lethal but cesa2, -5, -6 and -9 have relatively mild pheno-
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types (Persson et al., 2007). Recent studies by Desprez et al. (2007) and Persson et
al. (2007) show that the CESA6-like genes, CESA2, -5, -6 and -9, are at least partially
redundant and cesa2, -6 and -9 triple mutants are gametophytic lethal. Very little is
known about the function of the CESA10 gene.
It appears that there are two different classes of CSCs. One class of complexes,
containing the CESA4, -7 and -8 proteins, is likely to be involved in secondary wall
formation and the other class of complexes, containing CESA1, -3 complemented by
either CESA2, -5, -6 or -9, is responsible for cellulose deposition during cell growth.
The transcriptional regulation of the sub-units and subsequent assembly into func-
tional CSCs is still poorly understood.
1.5 Physical aspects of cellulose production
Knowing from which components the CSC is built is not enough to understand its
mode of operation. It is by now widely assumed that the force for CSC propulsion
derives from the cellulose synthesis itself (Herth, 1980; Roberts et al., 1982). If that is
indeed the case, we need to answer the question of how the energy released upon
the synthesis of individual cellulose polymers by the CESAs and their subsequent
aggregation into the CMFs is converted into motion. To that end, we must take into
account the full set of physical constraints under which the CMF deposition process
takes place.
Although many, if not most, of the details of this process are as yet experimentally
inaccessible, we are still able to form a minimal model of CSC propulsion based
on these constraints. The ﬁrst is that the CSC itself is embedded in the plasma
membrane. Both its ‘top view’ as seen in the inner plasma membrane leaﬂets (PF-
face) of freeze fracture EM images (Herth, 1980; Mueller and Brown Jr., 1980; Emons,
1985) and its ‘bottom view’ provided by the recent work of the laboratory of R.M.
Brown Jr. (Bowling and Brown, unpublished work) show a laterally extended and
roughly circular aspect and to a ﬁrst approximation one can assume that this disk-like
structure lies parallel to the membrane surface. From symmetry considerations, one
also expects that the cellulose polymer chains emerge perpendicularly to the plane
of the complex.
As the CMF formed in the wake of the CSC is trapped in the space between the
plasma membrane and the already extant cell wall, and the ﬁrst is pressed against
the second by the turgor pressure, the CMF itself must also lie in the plane of the
membrane. This implies that, independently of the exact sequence of events in the
crystallization process, the individual cellulose microﬁbrils must be bent in their
path from the CSC to the CMF. As this bending of the polymers, be it individually
or, as has been suggested, already partially crystallized into sheets (Brown Jr and
Saxena, 2000), costs energy, forces are exerted at the location at which the chains
are connected to the CSC and the CMF. At the connection point to the CSC, these
forces can be decomposed into a downward component pointing into the plane of
the CSC and to a lateral component parallel to this plane. The perpendicular forces
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counteract the extrusion process and hence decrease the polymerization rate, and
effect which is readily modelled by the classical Brownian ratchet mechanism(Peskin
et al., 1993). As a by-product of these perpendicular forces, the CSC as a whole and
part of the membrane connected to it will be pressed downward, an effect probably
responsible for the membrane depressions seen in some of the freeze fracture images.
As the bending of the chains can be alleviated by moving the attachment point to
the CSC farther away from the other constraint point formed by the attachment to
the CMF, the in-plane components are responsible for moving the CSC, again by
symmetry, in the direction into which the nascent CMF points. At the attachment
point to the CMF, any force loading will tend to hinder the crystallization process.
These forces are decreased whenever the CSC moves farther away, allowing the CMF
to grow, tracking the motion of the CSC. The interplay between the physical forces
generated and the polymerization and crystallization process allows a stationary
state to be reached in which a constant force is exerted on the CSC that in turn is
balanced by the viscous stresses in the ﬂuid media (membrane and cytoplasm) in
which it is immersed, leading to a constant speed of propagation.
Based on the heuristic mechanism described earlier, Diotallevi and Mulder (2007)
were able to formulate an analytical model of CSC propulsion that correctly estimates
the order of magnitude of the speed (102-103 nm min−1) of motion as observed in
the recent experiments (Paredez et al., 2006). Furthermore, they provided a proof of
principle of this mechanism by implementing a stochastic simulation, including all
of the relevant ingredients explicitly, that shows how a CSC producing six cellulose
strands progresses in the membrane.
Knowing how a single CSC is propelled, however, is still a long way from under-
standing how the often strikingly ordered textures of plant cell walls come about. To
that end we must come to the grips with the question of which elements of the envi-
ronment of a CSC determine its direction of motion within the plasma membrane.
1.6 Cell wall texture
In cell walls, CMFs are arranged in lamellae that together form the cell wall texture,
the architecture of the totality of all the CMFs. The orientation of CMFswith respect to
the long axis of the cell within a lamella is approximately constant, but may vary from
lamella to lamella, depending on the type of texture. The distance between CMFs
within a lamella varies from a few nanometres in cell wall thickenings of Lepidium
xylem cells, up to 160 nm in helicoidal cell walls of root hairs, but exact numbers have
hardly been reported (Emons, 1991). The most striking texture is the helicoidal cell
wall texture, which consists of subsequent lamellae in which the orientation of the
CMFs is shifted by a constant angle. Figure 1.1 (F) shows cellulose microﬁbrils with
different orientations in three subsequent lamellae of the helicoidal cell wall of an E.
hyemale root hair. Other wall textures are the axial, helical, crossed-polylamellate,
transverse and the random wall textures and combinations of these. These names
refer either to the relative orientation of the CMFs with respect to each other or to
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their absolute orientation with respect to the long axis of the cell.
How is the biogenesis of wall textures regulated from within the cell? As men-
tioned earlier, CMFs are produced by CSCs, and it is by now widely assumed that
these CSCs are propelled through the membrane by the force of the cellulose produc-
tion itself, combined with the force that is generated by attachment of the nascent
CMF to other cell wall components as soon as they are produced. CMFs are stiff, but
have been seen to bend around pit ﬁelds (Mueller and Brown Jr., 1980), showing that
their intrinsic orientation of deposition can be over-ruled by mechanical obstacles.
The CSCs indeed move in straight lines inside the plasma membrane in etiolated
Arabidopsis hypocotyl epidermis cells, and the direction of movement of the CSCs
appears to be forced upon them by cortical microtubules (Paredez et al., 2006), which
are potential obstacles they encounter in their plane of movement (Emons et al.,
2007). Cortical microtubules could be over-ruling the self-orientation mechanism of
CSCs in all elongating cells. They ensure that CMFs are aligned consistently across
the growing Arabidopsis root (Baskin, 2001).
When the microtubules are completely depolymerized, the complexes move
inside the plasma membrane in ordered patterns as well (Paredez et al., 2006). In
addition, examples are known of non-parallel cortical microtubules and CMFs in
secondary wall deposition, that is wall thickening after cell elongation (Emons et al.,
1992). The ordering of cellulose microﬁbrils during their deposition in such cells
has been explained with a geometrical model (Emons, 2006; Emons and Mulder,
1998; Mulder and Emons, 2001). This model provides a conceptual framework for
the alignment mechanism of CMFs, which departs from the situation where cor-
tical microtubules are not parallel to nascent CMFs. The basic assumption is that
by default, CMFs go straight unless obstructed and that their alignment depends
mainly on the number of CSCs simultaneously active at any position in the plasma
membrane. Of course, this model does not rule out that cortical microtubules bind
to the plasma membrane so tightly that synthase movement is obstructed (Emons
et al., 2007). In addition, other work in which cellulose synthase and drugs against
microtubules, and relevant mutants of Arabidopsis, were used does not point to a
simple one-on-one relationship between the orientations of the two sets of polymers
at both sides of the plasma membrane (Himmelspach et al., 2003; Sugimoto et al.,
2003).
Despite these exceptions, and the, as yet, unexplained occurrences of incongruent
CMFs and cortical microtubules, the work of Paredez et al. (2006) with CSCs and
microtubules ﬂuorescently labelled in the same cells, has made it clear that cortical
microtubule orientation is an important regulator of CMF orientation, at least in
epidermis cells of elongating etiolated Arabidopsis hypocotyls, and maybe in all
elongating plant cells. This begs the question of how the cortical microtubules
themselves are being organized.
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1.7 Cortical microtubules
In inter-phase plant cells, microtubules are localized in the cortex, just underneath
the plasma membrane (Ledbetter and Porter, 1963; Hepler and Newcomb, 1964).
Figure 1.1(E) shows the typical close connection of microtubules to the plasma
membrane in a root hair of Vicia sativa. Although they are indirectly linked to the
plasma membrane, they are at the same time dynamic (Hardham and Gunning,
1978; Wasteneys, 2002; Shaw et al., 2003; Vos et al., 2004; Hirase et al., 2006; Debolt
et al., 2007a). They behave according to a hybrid treadmilling mechanism; their
minus ends mostly pausing or shrinking and their plus ends alternating between
growing and shrinking phases (Shaw et al., 2003). For this behaviour, the proper-
ties of dynamic instability must be carefully regulated through the interaction with
microtubule-associated proteins (MAPs). For example, during G2/prophase, the
microtubules become more dynamic and possibly longer by means of a hypothetical
search and capture mechanism that helps the formation of the pre-prophase band
(Vos et al., 2004). Overexpression or knock out of a MAP can have severe effects.
Typically, in such mutants, for example emphmor1-1, katanin and wvd, inter-phase
cortical microtubules no longer organize perpendicularly to the growth axis of the
cell, and the cells expand isotropically (Whittington et al., 2001; Burk and Ye, 2002;
Yuen et al., 2003). The details of the mechanisms by which these MAPs determine
the microtubule organization are largely unknown, but it could be that they control
the stability and length of the microtubule and that these parameters in turn are es-
sential for a self-organization mechanism that is based on microtubule-microtubule
interactions.
So far, two distinct behaviours of cortical microtubules have been observed: zip-
pering and catastrophic collisions (Dixit and Cyr, 2004). A microtubule that runs
into another microtubule at a small angle (<40◦) will alter its direction of polymer-
ization and become bundled with it in a parallel or antiparallel fashion. When the
polymerizing microtubule collides with a pre-existing one at a larger angle (>40◦),
the microtubule has a heightened chance of having a catastrophe: a switch from
growing to shrinking. From this result, we can deduce that the unusually few, short
or stable microtubules in several MAP mutants have fewer interactions with each
other and therefore cannot align with each other. Nevertheless, although these two
mechanisms together can align microtubules, they cannot dictate the direction of
alignment.
We have shown, based on theoretical considerations and in vitro work, that mi-
crotubules can also change their direction by being bent and by polymerizing along
the inner walls of (artiﬁcial) cells (Lagomarsino et al., 2007). However, conﬁnement
within the cell alone cannot organize the microtubules perpendicularly to the growth
axis of the cell; rather the bending rigidity dictates the microtubules to become
longitudinally arranged. This indicates that other, so far unknown, microtubule-
microtubule interacting mechanisms must be at work to organize the microtubule
array, or that the alignment perpendicular to the elongation axis of the cell is depen-
dent on other, for example microtubule-plasma membrane mechanisms.
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Chan et al. (2007) showed that domains of aligned microtubules move through
the cortex of growing hypocotyl cells. The domains move and pivot a full 360◦, on
their way running into each other, splitting themselves or absorbing neighbouring
domains. Whether or not these movements also occur in other cell types has not
been shown yet, nor is it known if there is a relation between the moving domains
and the formation of the helicoidal cell wall texture of CMFs. It is clear though that
cortical microtubules do not exert a direct orienting inﬂuence on CMFs, but rather
that they inﬂuence the path of the CSCs (Paredez et al., 2006). These complexes stick
out below the plasma membrane into the cytoplasm where the cortical microtubules
are located and which may act as tracks or as guard rail (Emons et al., 2007). The
hypothesis that microtubules are ordered through a regulated cortical microtubule
self-organization mechanism is still valid and the focus of research in several groups.
Figure 1.2: Schematic drawing of structures at the plant plasma mem-
brane of plant cells involved in cell wall synthesis. In the drawing, the
plasma membrane has been curled up in order to show both of its sides.
CMF, cellulose microﬁbril; CP, coated pit; CSC, cellulose synthase com-
plex; CV, coated vesicle; EV, exocytosis vesicle; I, indentation in the
membrane at the site of cellulose microﬁbril production; MT, micro-
tubule; PM, plasma membrane. (Drawing made by Giel van der Linden,
Wageningen)
1.8 Activity at the plasma membrane
From the above, it is clear that cellulose deposition into the plant cell wall is a space-
time process that involves a number of concurrent activities, all localized to a small
area bordering the plasma membrane. In a drawing (Figure 1.2), we show the relevant
structures occurring at the plasma membrane involved in the process of cellulose
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production. Exocytosis delivers new CSCs to the plasma membrane, at the same
time depositing other wall polymers, whereas concomitant endocytosis recycles the
excess membrane area created by the exocytosis. The CSCs, once inserted into the
plasma membrane, move in the plane of the membrane, driven forward by the energy
released in the cellulose polymerization process, leaving a CMF in their wake. The
cortical microtubule network, which itself is dynamically self-assembled from its
component parts, seems to play a role in regulating the motion of the CSCs, possibly
by guiding their direction of motion. Understanding how these local activities are
coordinated to produce textured cell walls that show spatially coherent patterns over
many micrometer(Emons et al., 2007), in our opinion, requires a systems biological
approach, in which the known biochemical, biophysical and cell biological data are
integrated into mathematical models. We believe that only the detailed, quantitative,
predictions that follow from such models will enable us to effectively select and de-
sign experiments aimed at unravelling the complex, collective, effects that underpin
cell wall formation.
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Cortical microtubule
array initiation 2
2.1 Abstract
The ordered arrangement of cortical microtubules in growing plant cells is essential
for anisotropic cell expansion and hence for plant morphogenesis. These arrays are
dismantled when the microtubule cytoskeleton is rearranged during mitosis and
reassembled following completion of cytokinesis. The reassembly of the cortical array
has often been considered as initiating from a state of randomness, from which order
arises at least partly through self-organizing mechanisms. However, some studies
have shown evidence for ordering at early stages of array assembly. To investigate
how cortical arrays are initiated in higher plant cells, we performed live cell imaging
studies of cortical array assembly in tobacco BY-2 cells after cytokinesis and drug-
induced disassembly. We found that cortical arrays in both cases initiated non-
randomly, but with signiﬁcant over-representation of microtubules at diagonal angles
with respect to the cell axis. A bias that simulation studies indicated could account
for the observed evolution of array ordering. Surprisingly, during initiation only
about half of the new microtubules were nucleated from locations marked by GFP-
GCP2 tagged gamma-nucleation complexes (γ-TuRC), therefore indicating that a
large proportion of early polymers was initiated by an non-canonical mechanism not
involving γ-TuRC. Consistent with this observation, simulation studies indicate that
the initial diagonal ordering of the cortical array is not a barrier to array organization,
but rather, that the high rate of non-canonical initiation of new microtubules has the
potential to accelerate the rate of array re-population.
2.2 Introduction
Higher plant cells feature ordered arrays of microtubules at the cell cortex (Ledbetter
and Porter, 1963) that are essential for cell and tissue morphogenesis, as revealed
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by disruption of cortical arrays by drugs that cause microtubule depolymerization
(Green, 1962) or stabilization (Weerdenburg and Seagull, 1988), and by loss of func-
tion mutations in a wide variety of microtubule associated proteins (MAPs) (Baskin,
2001; Whittington et al., 2001; Buschmann and Lloyd, 2008; Lucas et al., 2011). The
structure of these arrays is thought to control the pattern of cell growth primarily by
its role in the deposition of cellulose microﬁbrils, the load-bearing component of the
cell wall (Somerville, 2006). Functional relations between cortical microtubules and
cellulose microﬁbrils have been proposed since the early sixties, even before cortical
microtubules had been visualized (Green, 1962). Recent live cell imaging studies
have conﬁrmed that cortical microtubules indeed guide the movement of cellulose
synthase complexes that produce cellulose microﬁbrils (Paredez et al., 2006) and
have shown further that microtubules position the insertion of most cellulose syn-
thase complexes into the plasma membrane (Gutierrez et al., 2009). These activities
of ordered cortical microtubules are proposed to facilitate the organization of cell
wall structure, creating material properties that underlie cell growth anisotropy.
While organization of the interphase cortical array appears to be essential for cell
morphogenesis, this organization is disrupted during the cell cycle as microtubules
are rearranged to create the preprophase band, spindle and phragmoplast during
mitosis and cytokinesis (reviewed by Wasteneys, 2002). Upon completion of cytoki-
nesis, an organized interphase cortical array is regenerated, but the pathway for this
reassembly is not well understood.
The plant interphase microtubule array is organized and maintained without
centrosomes as organizing centers (reviewed in Wasteneys (2002), Bartolini and Gun-
derson (2006) and Ehrhardt and Shaw(2006) and microtubule self-organization is pro-
posed to play an important role in cortical microtubule array ordering (Dixit and Cyr,
2004). In electron micrographs microtubules have been observed to be closely associ-
ated with the plasma membrane (Hardham and Gunning, 1978) and live cell imaging
provides evidence for attachment of microtubules to the cell cortex (Shaw et al.,
2003; Vos et al., 2004). The close association to the plasma membrane restricts the
cortical microtubules to a quasi two-dimensional plane where they interact through
polymerization-driven ‘collisions’ (Dixit and Cyr, 2004). Microtubule encounters at
shallow angles (< 40 degrees) have a high probability of leading to bundling, while
microtubule encounters at steeper angles most likely result in induced catastrophes
or microtubule crossovers (Dixit and Cyr, 2004). Several computational modeling
studies have since shown that these types of interactions between surface-bound
dynamical microtubules can indeed explain spontaneous co-alignment of micro-
tubules (Allard et al., 2010b; Eren et al., 2010; Hawkins et al., 2010; Tindemans et al.,
2010).
The question of how the orientation of the cortical array is established with
respect to the cell axis is less well understood. One possibility is that microtubules
are selectively destabilized with respect to cellular coordinates (Ehrhardt and Shaw,
2006). Indeed, recent results from biological observations and modeling suggest
that catastrophic collisions induced at the edges between cell faces, or heightened
catastrophe rates in cell caps could be sufﬁcient to selectively favor microtubules
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in certain orientation and hence determine the ﬁnal orientation of the array (Allard
et al., 2010b; Eren et al., 2010; Ambrose et al., 2011; Dhonukshe et al., 2012).
To date, all models of cortical array assembly assume random initial conditions.
However, experimental work by Wasteneys and Williamson (1989a, b) in Nitella
tasmanica showed that, during array reassembly after drug-induced disruption,
microtubules were initially transverse. This was followed by a less ordered phase and
later by the acquisition of the ﬁnal transverse order. A non-random initial ordering
was also observed in tobacco BY-2 cells by Kumagai et al. (2001), who concluded that
the process of transverse array establishment starts with longitudinal order, but did
not provide quantitative data for the process of array assembly. The initial conditions
for the cortical microtubule array formation are important to consider, as they may
strongly inﬂuence the speed at which order is established, and could even prevent it
from being established over a biologically relevant time scale.
In the present study, we used live cell imaging to follow and record the whole
transition from the cortical microtubule-free state to the ﬁnal transverse array and
used digital tracking algorithms to quantify the microtubule order. Nucleation stands
out as a central parameter to deﬁne during array initiation. Lacking a central body
to organize nucleation complexes, the higher plant cell has nucleation complexes
Wasteneys and Williamson (1989a,b); Chan et al. (2003); Shaw et al. (2003); Murata
et al. (2005); Pastuglia et al. (2006); Nakamura et al. (2010). Therefore we performed
high time resolution observations to quantify nucleation complex recruitment, nu-
cleation rates and microtubule nucleation angles. We found evidence for a highly
non-random initial ordering state that features diagonal microtubule orientation and
an atypical microtubule initiation mechanism. Simulation analysis indicates that
these atypical nucleations have the potential to accelerate the recovery of cortical
array density.
2.3 Results
2.3.1 After cytokinesis, microtubules reappear with a transient diago-
nal order
To investigate array initiation, we used tobacco Bright Yellow 2 (BY-2) suspension cells
expressing GFP fused to tobacco γ-Tubulin (GFP-TUA). These cells feature highly
ordered arrays oriented transversely to the axis of growth, have a relatively high
mitotic index, and are ideal for drug treatment in ﬂow cell experiments. Furthermore,
the potential crosstalk with neighbors is limited because BY-2 cells generally grow in
cell ﬁles that break up into individual cells Chan et al. (2011); Crowell et al. (2011);
Fujita et al. (2011).
Using point-scanning confocal microscopy, we acquired images from the plane
of the cell cortex every 3-5 minutes and measured microtubule length density and
ordering after cytokinesis. The ﬁrst visible microtubules appeared in the cortex after
the phragmoplast reached the optical plane of the cell cortex (Figure 2.1a, Figure S2.1
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and Movie S1) and within 45 minutes the length density, deﬁned as microtubule
length per square micrometer, leveled at around 0.5 μm/μm2 (= μm−1), mean of 6
cells; Figure 2.1b). With the increase in length density, the microtubules also became
increasingly bundled, as indicated by increases in the ﬂuorescence intensities of
individual microtubule structures. As our focus was on microtubule orientation, we
treated bundles the same as individual microtubules.
The angles of microtubules with respect to the cell elongation axis were measured
and visualized in a contour plot (Figure 2.1c). Time is presented along the x-axis
and the angular distribution over the interval from 0◦ to 180◦ along the y-axis (20
bins). The color range represents the fraction of the total microtubule length, so that
orientation patterns at both low and high microtubule densities can be compared.
Surprisingly, the majority of the microtubule length was diagonally oriented at 45◦
and 135◦ angles to the elongation axis in the early stages of array reformation, forming
two clear peaks in the angular frequency histogram.
To quantify the transition from the diagonal to the transverse cortical microtubule
order, the angular distribution data were ﬁltered to produce the weighted diagonal
order parameter D and the weighted transverse order parameter T (see Supplemen-
tary Information). From the means of the D and T order parameters over time, we
infer that the diagonal ordering was dominant for the ﬁrst 25 minutes after which it
was replaced by transverse ordering (Figure 2.1d).
2.3.2 Transient diagonal ordering during recovery from oryzalin treat-
ment
To establish if the mechanism of transverse microtubule ordering via a transient diag-
onal phase is generic or cell cycle dependent, we immobilized BY-2 cells expressing
GFP-TUA in ﬂow cells and treated them for 1 hour with 20 μM oryzalin to reversibly
depolymerize the cortical microtubule array Morejohn et al. (1987)(Figure 2.2a and
Movie S2). This concentration and duration of oryzalin treatment was sufﬁcient
to eliminate all detectible GFP-TUA labeled microtubules. Both the microtubule
length density increase and the development of ordering after oryzalin wash out were
similar as observed after cell division (Figure 2.2b). The average plateau density was
reached 25 minutes after appearance of the ﬁrst cortical microtubules, which is 45
minutes after the start of the oryzalin wash out (mean of 8 cells). The ﬁrst micro-
tubules reappeared at diagonal angles to the elongation axis (45◦ and 135◦; Figure
2.2c). On average, the transient diagonal ordering was replaced by the ﬁnal transverse
ordering after 40 minutes (Figure 2.2d). Thus, it appears that both the pattern and
kinetics of assembly and ordering are similar whether the array is disassembled by
native mechanisms during the cell cycle, or by drug treatment.
2.3.3 Diagonal ordering also occurs during array disassembly
Interestingly, a diagonal bias for microtubule orientation was also observed during
late stages of array disassembly as cells exit interphase and form preprophase bands
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Figure 2.1: Return of cortical microtubules after cell division in BY-2
cells. (a) Cortical microtubules in two daughter cells after cytokinesis.
The ﬁrst frame (T−10 minutes) shows the late phragmoplast in the cor-
tex. Time is indicated in minutes, scale bar is 10 μm. (b) Microtubule
length density increase over time after cytokinesis (mean of 6 cells). The
mean density plateaus at 0.54 μm−1 and is reached after 46 minutes,
based on linear curve ﬁtting of the individual data points of 6 cells (red
line). Bars represent standard error (SE). (c) Angular distribution over
time presented as the fraction of the total microtubule length at each
measurement (mean of 6 cells). The ﬁrst microtubules are ordered along
the diagonal cell axes of 45◦ and 135◦. (d) Diagonal (green circles) and
transverse (red squares) microtubule order parameters, D (green error
bars) and T (red error bars), after cell division (means of 6 cells± SE) and
the exponential curve ﬁttings (black lines, based on all individual data
points). At 25 minutes after T0 (last measurement before microtubules
became visible) the transverse microtubule ordering became dominant
over the diagonal microtubule order.
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Figure 2.2: Treatment of GFP-TUA expressing BY-2 cells with oryzalin.
(a) Cortical microtubules before, during and after incubation with 20
μM oryzalin in a ﬂow cell. Oryzalin was added at T−15 minutes and
washed out again after 60 minutes by continuous washing with BY-2
culture medium. Scale bar is 10 μm. (b) Microtubule length density in
oryzalin treatment over time (mean of 8 cells). The individual cells of
the oryzalin treatments were aligned relative to the observation point
at which no microtubules were visible after oryzalin addition, and to
the point at which no microtubules were yet visible after oryzalin wash
out. Both are referred to as T0 in the text and ﬁgures. Imaging was
continued during depolymerization and all images were checked for
microtubules. At -16± 2minutes (mean± SE), 20μMoryzalinwas added
and washed out again after 60 minutes. About 21 ± 6 minutes (mean
± SE) after oryzalin washout, the ﬁrst cortical microtubules started to
reappear. (c) Averaged angular distribution over time presented as the
fraction of the total microtubule length at each measurement (mean of
8 cells). Just after addition of oryzalin at the start of recovery after wash
out, diagonal microtubules are dominant. (d) Diagonal and transverse
cortical microtubule ordering parameters, D (green error bars) and T
(red error bars), over time in oryzalin treatment experiments (means
of 8 cells ± SE). Less than 2 minutes after oryzalin addition, D (green
circles) became dominant over T (red squares) based on the intercept of
the linear curve ﬁttings of the individual data points (black lines). After
oryzalin wash out, diagonal ordering became apparent and remained
dominant for 36 minutes, based on the intercept of the exponential
curve ﬁttings (black lines), followed by dominance of the transverse
microtubule array.
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(Figure S2.2). Likewise, the same bias was observed in late stages of microtubule
depolymerization caused by oryzalin application (Figure 2.2c and d). The micro-
tubule length density started to decrease less than a minute after drug application
and reached zero microtubules after 16 minutes. Within 2 minutes after oryzalin
addition, a diagonal microtubule order took over the dominant transverse order and
lasted until the last microtubules were depolymerized (Figure 2.2d). Thus diagonal
biasing of microtubule orientation appears to be a feature both of the last stages of
array disassembly and the ﬁrst stages of array re-assembly, whether arrays are taken
apart by cellular mechanisms or by drug treatment.
2.3.4 Microtubule nucleation has a diagonal bias during array initia-
tion
A bias in microtubule orientation might occur because microtubules are preferen-
tially created in speciﬁc orientations, or because they are selectively destabilized,
or if they are reoriented once initiated. To assess the origin of the diagonal micro-
tubule ordering, we made movies at high time resolution (2s intervals) of BY2 cells
expressing GFP-TUA cytokinesis and oryzalin wash out (Movie S3). We observed
that in the ﬁrst 30 minutes the majority of new microtubules were nucleated at the
cell cortex at locations free of other detectable microtubules. In fact, the majority of
nucleations during this period were free nucleations (274 out of 352, 77%, in 6 cells
after cytokinesis, and 73 out of 117, 62%, in 5 cells after oryzalin wash out). These
observations are in contrast to those of interphase nucleation, where microtubule-
associated microtubule nucleations have been observed to comprise greater than
99% of nucleations in wild type Arabidopsis cells Murata et al. (2005); Nakamura
et al. (2010); Kirik et al. (2012). We measured the angles of these free nucleations
with respect to the cell axis after both cytokinesis (Figure 2.3a) and oryzalin wash out
(Figure 2.3b). We did not analyze microtubule nucleations in the same orientation
as the microtubule they nucleated on, as they do not give rise to new microtubule
orientations. A Bayesian statistical analysis of these data (see Materials and Methods)
revealed a signiﬁcant bias for nucleations to occur along the diagonal directions both
after cytokinesis and oryzalin wash out.
2.3.5 A large fraction of nucleations during array initiation are free of
labeled γ-tubulin complexes
We found it remarkable that the nucleation bias had the same orientation as the
cortical microtubule order just before disappearance. This suggested that a ‘memory’
of the previous array organization might be maintained at the cell cortex. We could
imagine three alternative models. First, nucleation complexes recruited to the previ-
ous array might persist at the cell cortex, retaining orientational information. Second,
there might be other orientational information at the cell cortex that acts to orient
newly recruited nucleation complexes as they initiate the next array. Finally, a subset
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Figure 2.3: Free nucleations after cytokinesis and oryzalin wash out. (a
and b) Polar histogram nucleation angles within the 30 minute period
after the ﬁrst cortical microtubules appear after cytokinesis in tobacco
BY-2 cells (274 nucleations, 6 cells) (a) and oryzalin wash out (117 nu-
cleations in 5 cells) (b). Angles in degrees, histogram scale is in number
of observations. (c) Example of free nucleations after oryzalin wash
out in Arabidopsis root epidermal cells. Dashes indicate microtubule
minus-ends, arrowhead indicate microtubule plus-ends. Two out of
four nucleations in this image sequence show a GCP2-3xGFP signal.
Scale bar is 3 μm. (d) Bar graph of the fraction of nucleations where
GCP2-3xGFP signal was detected or not. Results are shown for untreated
cells Arabidopsis root epidermal cells (70 nucleations) and after oryzalin
wash out (81 nucleations).
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of the previous array might be resistant to disassembly either by native mechanisms
or by drugs, and they may be either small enough (or be of altered alpha tubulin
isoform composition) to evade detection by GFP-TUA6 labeling. These disassembly-
resistant remnants might act as orientated seeds for initiating new polymerization
during array reassembly.
To distinguish among these hypotheses, we assayed the localization and dynamic
behavior of γ-tubulin complexes and their relationship to new nucleations using Ara-
bidopsis plants expressing both a γ-tubulin complex marker (GCP2-3xGFP, Nakamura
et al., 2010) and a compatible tubulin marker (mCherry-TUA5, Gutierrez et al., 2009,
see Movie S4). To facilitate our analysis, we used a 1 hr treatment of 20 μM oryzalin
to dissemble existing cortical arrays. After drug washout, we acquired images of
the cell cortex at high time resolution (2s intervals). We observed no evidence for
persistent GFP-labeled nucleation complexes at the cell cortex, thus refuting the ﬁrst
hypothesis; that nucleation complexes recruited to the previous array might persist
at the cell cortex to initiate the new array.
We then scored all observed nucleation events in the ﬁeld of view, asking if GCP2-
3xGFP was present at the position of microtubule nucleation. As labeled complexes
are present and motile in the streaming cytosol Nakamura et al. (2010), we required
that punctae GFP signal be present at the position of nucleation for at least two
consecutive image frames to be scored positively. In control cells that were not
pretreated with oryzalin, we found that 68 out of 70 nucleations (97%) colocalized
with the GCP2-3xGFP label (Figure 2.3c and Movie S5, data acquired from 6 cells on
6 plants), a frequency in good agreement with the 98% found by Nakamura et al.
(2010) in hypocotyl cells. By contrast, in oryzalin treated cells, only a little over half
of the observed nucleations (45 out of 81, 56%) colocalized with the GCP2-3xGFP
label in the ﬁrst 20 minutes after the start of oryzalin wash out, a dramatically lower
proportion (p « 0.0001, one-tailed binomial test, 8 cells). Thus, while only 3% of
nucleations was not observed to be accompanied by GCP2-3xGCP in mature arrays,
this frequency raised to 44% during early stages of array assembly (Figure 2.3d). The
lack of detectable γ-TuRC label at nearly half of the early nucleations argues strongly
against the second hypothesis for diagonal nucleation orientation; that orientational
information at the cell cortex directs the orientation of new nucleation complexes
recruited to the cell cortex during early array assembly. We also found no evidence for
involvement of two candidates for such orientational information, the cortical actin
cytoskeleton and cellulose microﬁbrils, by disruption experiments with latrunculin B
or isoxaben (Figure S2.3).
On the other hand, the marked reduction in GCP2-3xGFP co-localization was
consistent with the third hypothesis; that a large and signiﬁcant proportion of nu-
cleations during early array recovery arise from seeds not associated with γ-tubulin
complexes. We term these nucleation events non-canonical nucleations because
they lack association with detectible γ-TuRCs as determined by GCP2-3xGFP labeling,
an essential subunit of the core γ-TuRC.
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2.3.6 Simulations
We performed mechanistic simulations to ask if the observed prevalence of diagonal
microtubule nucleation was sufﬁcient to explain the degree of observed diagonal
ordering during the initial stages of array assembly and to ask what affect these
non-canonical nucleations might have on the evolution of array density and order-
ing. In the simulations, cortical microtubules interact on a cylindrical cell-shaped
surface of dimensions similar to that of the tobacco BY-2 cells used in our in vivo
experiments (Figure 2.4a)Tindemans et al. (2010); Deinum et al. (2011). To test for the
inﬂuence of the non-canonical nucleation events, these nucleations were treated as
a separate class, their density and orientations was chosen to match the distributions
determined from the live cell experiments (see the Materials and Methods section
for further details on the simulation technique and the parameters employed). In
simulations that include all nucleation events the length density initially rises steeply,
reaching 80% of the ﬁnal density in just 10 minutes, then transiently leveling off
(Figure 2.4b and illustrated in Figure 2.4a at 15 min.). By contrast, in simulations with-
out the non-canonical nucleation class, the length density rises more gradually and
steadily, reaching 80% of the ﬁnal density only after about 40 minutes (Figure 2.4b).
Thus, the non-canonical nucleations appear to have the potential to signiﬁcantly
accelerate the recovery of array density during array re-assembly.
When simulations were run without the non-canonical nucleation class there
was no initial bias of the angular distribution (Figure 2.4c). As expected, when these
nucleations were added to the simulation, a clear initial bias at 45 and 135 degrees is
created (Figure 2.4d), markedly similar to our experimental observations (Figure 2.1c).
The diagonal and transverse order parameters D and T as a function of time for the
simulations with the non-canonical nucleation class (Figure 2.4e) both qualitatively
and quantitatively match the values we found experimentally (Figure 2.1d). Thus,
the inclusion of the diagonally biased nucleation events observed in living cells have
the potential to explain both the initial diagonal ordering and the observed evolution
of array ordering in these cells. While non-canonical nucleations had the effect of
lowering the initial transverse ordering state of the simulated arrays, the difference
is not signiﬁcant and the order parameters level off to the same value (Figure 2.4f),
indicating that biased non-canonical nucleations did not present a barrier to array
ordering.
2.4 Discussion
The transverse arrangement of the corticalmicrotubule array is essential for anisotropic
growth, yet little was known about how it arises from a disassembled state, a situation
that arises at each cell division during the life of the cell. The currently accepted
self-organization models for transverse cortical microtubule array establishment,
based on microtubule interactions (Allard et al., 2010b; Eren et al., 2010; Hawkins
et al., 2010; Tindemans et al., 2010), assume random initial conditions. We found that
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Figure 2.4: Results of the simulations. (a) Snapshots of representative
microtubule conﬁgurations at 15 and 60 minutes after the start of the
simulation both with (right) and without (left) persistent fragments. (b)
The time evolution of the average diagonalD (green error bars) and trans-
verse T (red error bars) cortical microtubule ordering parameters. The
gray lines represent the average value and the error bars represent one
standard deviation. (c and d) Averaged angular distribution over time
presented as the fraction of the total (optical) microtubule length from
simulations without (c) and with (d) persistent microtubule fragments.
(e). The time evolution of the average (optical) density of microtubules
for the simulations with and without persistent fragments, error bars
show standard deviation. (f) All simulation results are combined for 500
individual simulations.
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the ﬁrst microtubules in new arrays of tobacco BY-2 cells were in fact not randomly
oriented but showed signiﬁcant ordering, at orientations of both 45 and 135 degrees.
This was true both for array assembly during the cell cycle as well as reassembly of
arrays after oryzalin washout. Organization in these arrays did not evolve by gradual
ordering from a disorganized, random state, but by a transition from one ordered
state to another.
Exploration of the cause for the non-random initiation of array establishment
revealed that there was a signiﬁcant bias in the orientation of early microtubule
nucleations, sharing the same 45◦ and 135◦ bias relative to the cell axis that was
observed for array ordering. Results from simulation studies incorporating these
oriented nucleations matched experimental observations very closely, indicating that
this population of directionally biased nucleations is sufﬁcient to explain the fast-
forming initial diagonal ordering state of new arrays, and together with self-ordering
based on microtubule interactions, is sufﬁcient to explain the transition from this
array into the ﬁnal transverse array.
We considered several alternative ideas for the mechanism of nucleation orienta-
tion. In interphase cells, the majority of nucleations at the cell cortex occurs from the
sides of existing microtubules with a major peaks at about 40◦ Murata et al. (2005) and
a secondary peak at 0◦ (parallel to the mother polymer) Chan et al. (2003); Nakamura
et al. (2010); Kirik et al. (2012). Thus, in the interphase arrays studied to date existing
microtubules largely determine the orientation of new microtubule nucleation. The
vast majority of the nucleation events occur at gamma tubulin nucleation complexes
as visualized with tagged components of the core complex (>98%, Nakamura et al.,
2010; Kirik et al., 2012). However, at the start of array assembly there are no obvious
existing microtubules (this study, Wasteneys and Williamson, 1989, 1989) to recruit
and position nucleation complexes Nakamura et al. (2010), therefore it was necessary
to consider other mechanisms for nucleation orientation. One possibility was that
oriented γ-TuRC complexes are simply retained at the cell membrane from the pre-
vious cortical array, an idea that was contradicted by our observation that γ-TuRCs
in Arabidopsis root cells were not retained at the cell cortex from the previous array.
A second possibility was that newly recruited γ-TuRCs are positioned by cryptic
orientational information at the cortex. Surprisingly, however, we found that labeled
γ-TuRC complexes failed to be detected at 44% of the nucleation events observed
during array initialization compared to 3% at steady state microtubule density. This
result both effectively eliminated a mechanism based solely on oriented γ-TuRCs and
revealed that many early nucleations apparently arise from non-canonical nucleation
sites that lack a γ-TuRC.
The above results, together with the observation that cortical microtubules were
oriented diagonally not only during the buildup of the cortical microtubule array
but also during the last stages of breakdown during oryzalin treatment and pre-
prophase band formation, were consistent with a third possible mechanism - that
segments of the previous array survive or are resistant to disassembly, whether by
oryzalin or by native mechanisms during mitosis. Segments that could then act as
oriented seeds that participate in initiation of the next array. Consistent with the
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idea of dissembly-resistant microtubule seeds, deactivation of γ-tubulin complexes
in several organisms does not abolish all microtubule nucleation in vivo (reviewed
by Job et al., 2003) and nucleation free of γ-TuRCs is well known to occur in vitro
at high enough concentrations of free tubulin dimers Fygenson et al. (1994). Pre-
vious studies by Wasteneys and Williamson (1989b) in Nitella are also consistent
with this possibility. These investigators observed that while Nitella microtubules
returned in their original transverse orientation during recovery from oryzalin, orien-
tation was random after longer, and presumably more complete, oryzalin treatment
(Wasteneys and Williamson, 1989, 1989). In our studies, incomplete drug action
cannot explain observations of array re-assembly following cytokinesis, since there
was no drug treatment in these cells and the extremely similar mode and kinetics of
array reassembly we observed between these cells and those recovering from oryzalin
treatment suggest that similar mechanism are responsible in both situations.
If the latter hypothesis is true, a couple of puzzles remain. First, microtubule
seeds from the previous cell cycle were not readily detected by imaging of GFP-TUA.
However, thismight be easily explained if the seeds are small enough to contain only a
few labeled subunits (only a portion of alpha subunits in the cell are tagged), a degree
of labeling that may well lie below the high background of unpolymerized subunits
in the cytosol. It is also formally possible that the seeds may have a composition that
does not include the labeled tubulin isoform used for imaging. A second puzzle is
why the presumed source of the oriented seeds - the last cohort of microtubules at
the end of array disassembly - has a diagonal bias to the cell axis. One possibility
is that the bias arises from the normal formation of the newest microtubules by
branching nucleation at about 40 degrees to their mother polymers Wasteneys and
Williamson (1989a,b); Murata et al. (2005); Chan et al. (2009); Nakamura et al. (2010).
In a transversely oriented array, these nucleations would lie approximately at 45a˛
and 135a˛ to the cell axis, and would have a high likelihood of interacting with the
dominant population of transverse microtubules. These interactions can lead to
incorporation into bundles by treadmilling motility Shaw et al. (2003); Dixit and Cyr
(2004), or catastrophe (Dixit and Cyr (2004), both of which would tend to diminish
the population of diagonally oriented polymers. However, as the microtubule array
is broken down and microtubule density drops, encounters would be predicted to
be less frequent and therefore the likelihood of aligning or eliminating branching
microtubules will be reduced.
Whether the source of oriented nucleation in early array assembly is due to seeds
from the previous array or another mechanism, our observations reveal the existence
of a substantial class of non-canonical nucleations not associated with γ-TuRCs that
contribute to the initiation of the cortical array. In simulation studies we explored
how these non-canonical nucleations may affect array reassembly and found this
class of oriented nucleations to have the potential to signiﬁcantly accelerate recovery
of array density without signiﬁcantly impeding the acquisition of ordering driven by
microtubule interactions. The existence of this mechanism may address a fundamen-
tal dilemma the plant cell faces in rebuilding an array from scratch. In interphase
cells, nucleation from γ-TuRC complexes was observed to be approximately 10-fold
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more likely when they are localized to microtubules than to other locations at the
cell cortex Nakamura et al. (2010). If this reﬂects a fundamental property of γ-TuRC
activation, then the cell may face limitations in how fast it can initiate new arrays
when there are no existing cortical microtubules to recruit γ-TuRCs and contribute
to their activation. Our live cell observations and simulation studies reveal a class
of nucleations that do not require γ-TuRC recruitment and activation at cortical
microtubules may act as a primer to accelerate the assembly of the new array.
2.5 Materials and methods
2.5.1 Plant material
Tobacco (Nicotiana tabacum L.) Bright Yellow-2 (BY-2) suspension cultured cells
were grown according to standard protocols (Nagata et al., 1992). We stably trans-
formed BY-2 cells using Agrobacterium tumefaciens LBA4404 mediated procedures
with a reporter construct consisting of the enhanced green ﬂuorescent protein fused
to tobacco α-tubulin (sGFP-TUA) under control of the CaMV 35S promoter, kindly
provided by Dr. S. Hasezawa, University of Tokyo, Japan (Kumagai et al., 2001). The
BY-2 cell line expressing eGFP-FABD was generously provided by Dr. T. Ketelaar
(Wageningen University) Ketelaar et al. (2004). We used Agrobacterium tumefaciens
to transform the pGCP2-GCP2-3xGFP construct, kindly provided by Masayoshi Naka-
mura and Takashi Hashimoto (Nara Institute of Science and Technology, Ikoma,
Japan), into an Arabidopsis thaliana Col-0 expressing 35S-mCherry-TUA5 Gutierrez
et al. (2009).
2.5.2 Specimen mounting
Transformed cells were imaged in thin 10 to 20 μL gas permeable micro-chambers
lined on one side with Biofoil (VivaScience, Hannover, Germany) and a 24 x 24 mm
coverslip on the other side as described earlier (Vos et al., 2004). Slides were sealed
with VALAP (1:1:1 Vaseline : lanolin : parafﬁn). For oryzalin treatments, cells were
immobilized in plastic ﬂow cells (1 channel of 100 μL with a height of 0.4 mm; Ibidi,
Munich, Germany) that were pretreated with 1 mg/mL poly-L-lysine solution in
dH2O for 30 min at room temperature. Ten ﬂow cell volumes of 20 μM oryzalin (from
20 mM stock in DMSO) in BY-2 medium were perfused through the channel with cells
and after 1 hour, washed out with constant perfusion of BY-2 medium at a ﬂow rate >
0.1 mL/min. For latrunculin B and isoxaben experiments, 10 mL of a BY-2 culture
was incubated for at least 3 hours in 0.5 or 1.0 μM latrunculin B or at least 24 hours
in 10 μM isoxaben before adding 20 μM oryzalin and cell immobilization in a ﬂow
cell. Washes with latrunculin B or isoxaben were initiated after 1 hour to allow the
microtubule cytoskeleton to recover, but not the actin cytoskeleton or the cellulose
microﬁbril production. The immobilization, the perfusion of medium with 0.1%
DMSO, 0.1% ethanol and the confocal imaging did not inﬂuence the cytoarchitecture
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or microtubule organization of the tobacco BY-2 cells (data not shown).
The Arabidopsis plants were grown on standard Hoagland’s medium and gently
mounted between an objective slide and coverslip spaced by two strips of double
sided Scotch tape. For the oryzalin treatment, the plants were transferred to a six
well plate containing 1.0 μM oryzalin for an hour to depolymize the microtubules.
Oryzalin was washed out at a ﬂow rate of 0.5 mL dH2O/min.
2.5.3 Microscopy
For the long-term microtubule analysis we used confocal laser scanning microscopy
(CLSM). Images and time-lapse movies were produced with a 63x / 1.4 NA oil immer-
sion DIC lens on an Axiovert 200M microscope equipped with a Pascal CLSM unit
(Zeiss, Jena, Germany). The GFP was excited with the 488 nm argon laser and a 505
nm long-pass emission ﬁlter. To see all microtubules in the cortex, a pinhole of 1.5
to 2 airy disc units (1.0 to 1.4 μm in the Z-axis) was used. The scan time was 4 to 8
μsec/pixel and the temporal resolution was 3 to 5 minutes. Alternatively, time-lapse
Z-series of 2.5μm thickness were made on a Leica DM IRB microscope equipped with
the perfect focusing system, a CSU22 spinning disk set up (Yokogawa, Tokyo, Japan)
and a C9100 EM-CCD camera (Hamamatsu Photonics, Hamamatsu City, Japan). We
used a 100x / 1.4 NA objective lens and excited the GFP with a 488 nm argon laser.
Five 0.5 μm optical sections, each taking 250 ms, were typically obtained at 3-minute
intervals. The visible area with cortical microtubules varied from about 200 to 600
μm2.
For the nucleation analysis we used a confocal spinning disk microscope de-
scribed earlier Gutierrez et al. (2009), except that a Nikon Eclipse Ti microscope
with the perfect focusing system and a 100x 1.45 NA oil objective replaced the Zeiss
Axiovert 200. Alternatively, we used a total internal reﬂection ﬂuorescence (TIRF) mi-
croscopy on a Nikon Eclipse Ti microscope with the perfect focusing system. We used
a 100x 1.49 NA TIRF oil objective and excited with a solid-state 478 nm laser (Cobolt
AB) and using a Semrock 535/39 emission ﬁlter. The microscope was equipped with
a manual Nikon TIRF arm and a QuantEM EM-CCD camera (Photometrics). We used
800 ms exposure time and a 2 or 2.14 s time interval for the spinning disk and TIRF
microscope respectively.
2.5.4 Data analysis
Time-lapse imageswere converted into 8-bit tiff ﬁle stackswith ImageJ (W. S. Rasband,
U. S. National Institutes ofHealth, Bethesda,Maryland, USA, http://rsb.info.nih.gov/ij/,
1997-2007). Z-stacks were converted to average or maximum projections of 3 to 5 sec-
tions. The ImageJ StackReg plug-in was used to align the images of a stack Thevenaz
et al. (1998). All visible microtubules in the images were traced using the semi-
automatic ImageJ plug-in NeuronJ (v1.01) Meijering et al. (2004). The microtubule
tracings were stored as a series of x and y pixel coordinates with a maximum distance
of 5 pixels in both the x and y direction between subsequent points. A Perl script was
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used to extract the line segments and distribute their lengths over 20 evenly spaced
bins according to their angle with the x-axis. The script corrects for the uneven distri-
bution due to discrete pixel values of possible segment angles produced by NeuronJ
(see Supplementary information and Figure S2.4 for the veriﬁcation procedure). As
we could not distinguish between the plus and minus ends of microtubules, every
line segment was assigned an angle in the interval from 0◦ to 180◦. The bins had a
width of 9◦ and were centered on 0◦, 9◦, etc., up to 171◦.
For each image, the microtubule length density was obtained by dividing the
total microtubule length by the area of the cortical section in the images. The angular
distribution data are presented in contour plots produced with Origin (OriginLab,
Northampton, MA, USA) as the fraction of microtubule length at each time point. For
clarity, an extra 180◦ bin is depicted as a copy of the 0◦ bin in each graph. The angle
bins are along the y-axis and time along the x-axis, and a rainbow color gradient
indicates the cumulative microtubule length or fraction in 20 equal sized steps,
ranging from blue (few microtubules) to red (maximum length or fraction). Plots
of mean distributions of several experiments were produced by aligning the timing
of individual cells to the moments of zero microtubules after breakdown or before
re-polymerization, and averaging the fractions.
To calculate the increase in microtubule density after cytokinesis and oryzalin
wash out, and the ﬁnal plateau value, data from individual experiments were ﬁtted
with the linear function: if t > Tp , then density = P1+P2Tp , else density = P1+P2t ,
with Tp as the time to reach the plateau density. The time of emergence of diagonal
(45◦ and 135◦) and transverse (90◦) microtubule ordering was analyzed by ﬁltering
the angle bins with two test functions: T for transverse ordering and D for diagonal
ordering (see Supplementary Information and Figure S2.5). Both functions have the
property that a randomized system yields a value of zero. A system that is perfectly
ordered (in the transverse direction for T and the diagonal direction for D) produces
a value of 1.
For the nucleation analysis we determined the position in the cell, the time point,
the angle with respect to the cell axis, whether the nucleation was free or microtubule
bound and the angle of the seed microtubule in case of branching nucleation. For
further analysis we only used the microtubule nucleations that were unbound. To
assess whether a bias exists for nucleation along diagonal directions, we deﬁned 15◦
bins around the 45◦, 135◦, 225◦ and 315◦ degree directions, and scored microtubules
in these bins as being diagonal. We introduced a diagonal biasing parameter δ by
equating the probability of a diagonal nucleation to a non-diagonal nucleation.
Pdiag (δ)=
1
6δ
1
6δ+ 56 (1−δ)
(2.1)
This parameter is normalized such that δ = 0 implies there are no diagonal nu-
cleations, δ = 1 implies all nucleations are diagonal, while δ=12 is the neutral case in
which there is no bias, in which case the proper unbiased weight 16 =
60◦
360◦ is accorded
to the diagonal bins. We then performed a maximum likelihood estimate of δ by
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evaluating the likelihood ratio
L(δ)
L 12
= Pdiag (δ)
M (1−Pdiag (δ))N−M
( 16 )
M ( 56 )
N−M (2.2)
where M is the number of diagonal microtubules observed out of a total of N. For
the nucleations after cytokinesis we have M = 66 and N = 274, yielding δ = 0.61. For
the nucleations after oryzalin washout we have M = 26 and N = 73, yielding δ = 0.73
(see Figure S6 a and b). Note that a standard one-tailed binomial analysis also rejects
the null hypothesis of no bias with p < 0.001 for the post-cytokinesis case and p <
0.0001 for the oryzalin washout case.
2.5.5 Simulation methods
We performed simulations of interacting cortical microtubules using the event-based
algorithm Tindemans et al. (2010). The simulations are implemented on a cylindrical
cell geometry with a length of 80 μm and a radius of 40 μm. Microtubules that
impinge on the edges of the cylinder undergo catastrophes, a boundary condition
that was shown to robustly select a transverse orientation of the steady-state array
(Allard et al., 2010; Eren et al., 2010).
The kinetic parameters for the dynamics of the microtubule plus-ends are based
on Vos et al. (2004): growth speed v+ = 0.08 μm s−1, shrinkage speed v− = 0.16
μm s−1, spontaneous catastrophe rate (switch from growing to shrinking state) rc =
0.003 s−1 (a value slightly lower than that of Vos et al. 2004, consistent with a likely
overestimation of this quantity in that work due to undetected collision-induced
catastrophes), and rescue rate (switch from shrinking to growing state) rr = 0.007 s−1.
The minus-ends of microtubules shrink with a constant treadmilling speed of vt =
0.01 μm s−1, following Shaw et al. (2003) and identical to Deinum et al. (2011).
The results of angle-dependent collisions between growing microtubules and
obstructing ones, follow the simpliﬁed scheme also employed by Allard et al. (2010),
Eren et al. (2010) and Deinum et al. (2011). All collisions with an incidence angle
below 40◦ result in collision induced bundling, where the incoming microtubule
changes direction and continues to grow along the obstructing one. The outcomes of
steep angle encounters vary greatly from cell type and stage Wasteneys and Ambrose
(2009), therefore we measured these outcomes in our 2s dataset after cytokinesis
in BY-2 cells. We found that of 70 encounters > 40◦ in 4 cells, 14 (20%) encounters
induced a catastrophe and 56 (80%) resulted in a crossover. Therefore in our simu-
lations collisions with an incidence angle larger than 40◦ have a 20% probability of
undergoing an induced catastrophe, where they switch to a shrinking state, and a
80% probability of simply crossing over the obstructing microtubule.
New microtubules are nucleated at a constant overall rate of rn = 0.0002 s−1μm−2,
whichwe estimated fromour observations of the nucleations after cytokinesisDeinum
et al. (2011). Nucleations occur either at an arbitrary location in the model cortex
or from a microtubule. We modeled the portioning of nucleation events between
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microtubule-free and microtubule-bound by a density-dependent chemical equilib-
rium, which accounts for the afﬁnity of nucleation complexes for the microtubules.
The fraction of microtubule-bound nucleations is given by
fbound =
ρ
ρ+ρ 12
(2.3)
where ρ is the (time-dependent) length density (μm μm−2) of the microtubules,
and the cross-over density ρ 11 = 0.1 μm μm
−2, determines the location of the equi-
librium, which we chose in order to match the observed timescale of the crossover
towards the ﬁnal transversely ordered state. The microtubule-bound nucleations
have an orientational distribution with respect to the parent microtubule, which is a
coarse-grained representation Deinum et al. (2011) of the experimentally observed
patterns Chan et al. (2009). We have reduced the rate of unbound nucleations by the a
factor of 10 to rn f ree = 0.00002 s
−1 μm−2, following the data presented by Nakamura
et al. (2010) for a steady state microtubule array.
At the start of the simulations we add a ﬁnite pool of microtubule fragments
with the density of ds 0.1 μm−2 and an activation rate of rs 0.003 s−1. These values
were based on the free nucleation rate of BY-2 cells after cytokinesis. Only these
reactivating microtubule fragments have a bias towards the diagonal directions of
45◦ and 135◦. This bias was implemented by drawing the direction of nucleation with
respect to the parent microtubule from the following distribution
ψ(θ)= 1
2πI0α
exp
(
αcos4(θ− π
4
)
)
(2.4)
where the angle θ is expressed in radians, α is a parameter that sets the degree of
bias, and I0 is a modiﬁed Bessel function of the ﬁrst kind (see e.g. Abramowitz and
Stegun, 1970). We chose α = 1.5, which reproduces the experimentally determined
ratio between the nucleations in 15◦ bins around the diagonal directions and those
in the remaining directions, for the case after cytokinesis. In the control simulations,
this pool of microtubule nucleations was not present.
All simulations were started from an initially empty cortex. The time evolution of
the angular distributions of microtubules was analyzed using the same ﬁlters also
used for the experiments (see Figure S2.5). The microtubule density is reported in
terms of an ‘optical density’ in which overlapping microtubules in bundles do not
separately contribute to the density, but only the bundle as a whole, mimicking the
values measured in the experiments. All simulation results are the average of 500
independent simulations performed with the same parameters. The results were also
used for subsequent calculations of D and T and Figure 4c.
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Figure S2.1: Microtubule ordering after cell division in two daughter
cells. (a) Snapshot of the two cells at T20, and (b) the same image with
the tracings of the microtubules in purple (see also Movie S1). Scale
bar is 10 μm. (c) Angle distribution histogram of the microtubules in
the two daughter cells at T20 (as indicated in c with an arrow). The
fraction of microtubule segments that is diagonally oriented (at 45◦ and
135◦) is larger than that at 90◦. (d) Angle distribution plot of cortical
microtubules over time of the left daughter cell in a. In this cell, diagonal
ordering is visible when the ﬁrst microtubules appear in the cortex. After
30 minutes, the transverse ordering becomes dominant and increases in
strength.
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Figure S2.2: Contour plot with the angular distribution of the micro-
tubule length fractions over time of a BY-2 cell expressing 35s-GFP-TUA
that progresses into prophase after oryzalin washout. The oryzalin wash-
in started at T0, after which the microtubules depolymerized. During
this depolymerzation, the 45◦ and 135◦ angles emerged as dominant an-
gles. This was also the case during recovery from the oryzalin treatment,
which started at T120. The cell formed a transverse cortical microtubule
array at about T140. At about T170 the interphase cortical array started
to breakdown as the cell entered prophase, again, microtubule angles
of 45◦ and 135◦ became dominant (T180). The microtubules inside the
forming preprophase band were not measured.
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Figure S2.3 Cortical microtubule density and angle distribution after
oryzalin treatment in the presence of latrunculin B (a, b and c) or isox-
aben (d, e and f). (a and d) The microtubule length density increased
to a plate density (red line). (b and e) The angular distribution of the
microtubule length fractions over time. In the absence of ﬁlamentous
actin or functional cellulose synthase complexes, the diagonal ordering
of the ﬁrst cortical microtubules is still visible. (c and f) The transverse
order parameter (red squares) surpassed the diagonal one (green circles)
after 15 ± 10 minutes.
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Figure S2.4: Veriﬁcation of the Perl script through two different line
drawings. In black the ‘original’ angle distribution of the vector drawing
of straight lines (a) and curved lines (b) that were produced with Mathe-
matica (black squares in the graphs); tracings of the Mathematica image
using PowerPoint (red circles in the graphs) and the NeuronJ-Perl script
tracing results (blue triangles in the graphs).
To conﬁrm the accuracy of our analysis methods, we have generated three ran-
domized line graphs using Mathematica (Wolfram Research, Inc., Champaign, IL,
USA) containing straight lines and random curves. Gaussian noise was added using
Photoshop (Adobe Systems Inc., San Jose, CA, USA). The images were analyzed by
different people using two different methods. First, they were manually traced with
curved lines using Microsoft PowerPoint. The traced curves were digitally extracted
from a PDF document and analyzed using Mathematica to obtain a normalized
length distribution in 20 bins. The generated images were also analyzed using Neu-
ronJ and the subsequent processing steps as used for the experimental data and
as described in the Materials and Methods. In Figure S2.4, the results from both
methods are compared to the reference values that were computed directly from the
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original data. From this comparison, we conclude that the results stemming from the
semi-automated NeuronJ tracing closely resemble the true distribution. We estimate
the error of the NeuronJ tracings to be around 1 bin in the angle direction and ±14%
in amplitude. In addition, we rotated a movie in ImageJ by 27 degrees and did the
microtubule tracking again. The pattern after rotation was similar as before, but
shifted 27 degrees. The differences found were within the error margin mentioned
before.
To analyze the appearance and disappearance of the diagonal and transverse
microtubule orderings, we deﬁned two ﬁlter functions: T for transverse ordering and
D for diagonal ordering. A numerical value for the degree of transverse (T) or diagonal
(D) ordering was obtained by multiplying the normalized density data by the relevant
ﬁlter function and summing over all bins. Both ﬁlters were constructed such that
an isotropic orientation distribution yields a value of zero, whereas a distribution
that is fully contained within the three bins surrounding the target direction returns
a value of one. The ﬁlter functions have a value of one over a width of 27◦ (3 bins),
centered on 90a˛ in the case of the transverse ﬁlter and centered on 45◦ and 135◦ in
the case of the diagonal ﬁlter. The remaining values were chosen such that the sum
of all weights is zero (Figure S2.5).
Figure S2.5: Depiction of the ﬁlter functions used to calculate the
weighted ordering parameters, D and T, from the microtubule density
angle fractions.
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Figure S2.6: Plot of the likelihood ratio for a biased versus an unbiased
model of diagonal nucleations as a function of the bias parameter δ on
the basis of the data for cytokinesis (a), and oryzalin washout (b), show-
ing signiﬁcant contrast for selecting the maximum likelihood estimate
of δ.
Cellulose synthase
complex trafﬁcking 3
3.1 Abstract
Plant cell morphogenesis relies on the organization and function of two polymer
arrays separated by the plasma membrane: the cortical microtubule cytoskeleton
and cellulose microﬁbrils in the cell wall. Studies using in vivo markers conﬁrmed
that one function of the cortical microtubule array is to drive organization of cellulose
microﬁbrils by guiding the trajectories of active cellulose synthase (CESA) complexes
in the plasma membrane, thus orienting nascent microﬁbrils. Here we provide
evidence that cortical microtubules also position the delivery of CESA complexes to
the plasma membrane and interact with small CESA-containing compartments by
a mechanism that permits motility driven by microtubule depolymerization. The
association of CESA compartments with cortical microtubules was greatly enhanced
during osmotic stress and other treatments that limit cellulose synthesis. On recovery
from osmotic stress, delivery of CESA complexes to the plasma membrane was
observed in association with microtubule-tethered compartments. These results
reveal multiple functions for the microtubule cortical array in organizing CESA in the
cell cortex.
3.2 Introduction
Plant cells have microtubule arrays that are organized without a centrosome or
other central organizing body. Acentrosomal arrays are common in many organisms,
including mammals, but the mechanisms by which these arrays are organized and
their precise cellular functions are often poorly understood Bartolini:2006bt. In
plant cells undergoing axial growth, interphase microtubules form highly organized
arrays at the cell cortex, with microtubules lying in parallel to the plasma membrane
and transverse to the cell’s axis of elongation, as both single and bundled polymers
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(Barton et al., 2008; Ehrhardt, 2008). New polymers arise from dispersed nucleation
sites in the cell cortex and show dynamics at both polymer ends that result in net
migration of microtubules in the direction of their plus ends, thus creating a highly
dynamic array that undergoes constant remodelling (Ehrhardt, 2008; Shaw et al.,
2003). Disruption of microtubule organization by genetic or pharmacological means
has demonstrated that these arrays are essential for acquisition of differentiated cell
shape (Paradez et al., 2006). A central question in plant cell development is how these
distinctive microtubule arrays function to guide cell morphogenesis.
It has long been hypothesized that one essential function of the cortical mi-
crotubule array is to control the material anisotropy of the cell wall by interacting
with CESA complexes to guide the orientation of cellulose microﬁbrils, the key load-
bearing constituent of the cell wall(Green, 1962; Heath, 1974; Staehelin and Giddings,
1982). CESA complexes are molecular machines thought to be composed of 36 cat-
alytic subunits and arranged in symmetrical rosettes with diameters of 25-30 nm, as
observed in freeze-fractured plasma membranes (Emons, 1985; Herth, 1983; Kimura
et al., 1999; Mueller and Brown Jr., 1980; Somerville, 2006). In Arabidopsis thaliana,
genetic studies have suggested that simultaneous expression of at least three of ten
isoforms is necessary for a functional complex, with CESA1, 3 and 6 being involved
in primary cell wall synthesis (Desprez et al., 2007; Persson et al., 2007; Taylor et al.,
2003). A functional YFP-CESA6 fusion protein revealed a patterned distribution of ac-
tive CESA complexes in the plasma membrane, which localized to and tracked along
individual elements of the cortical microtubule array (Paredez et al., 2006). Changes
in microtubule organization were observed to precede changes in the organization
of CESA complexes in the plasma membrane, conﬁrming the microtubule guidance
hypothesis for cellulose deposition.
Although dynamic YFP-labelled CESA complexes are observed to be positioned
along cortical microtubules (Paredez et al., 2006), it is not known how CESA is de-
livered to the plasma membrane and how this association is established. Are CESA
complexes delivered at addresses deﬁned by cortical microtubules, or are they de-
livered at random locations, subsequently forming associations with cortical mi-
crotubules? Rosettes have been observed by freeze-fracture electron microscopy
in the membranes of vesicles and Golgi cisternae, suggesting that CESA complexes
are assembled before they reach the plasma membrane (Haigler and Brown, 1986).
Consistent with this observation, YFP-CESA6 protein prominently labels Golgi bodies
and also labels a population of smaller compartments (Paredez et al., 2006) hence-
forward termed small CESA compartments (SmaCCs). Here we have used live-cell
imaging of labelled CESA and tubulin proteins to investigate the role of the cortical
microtubule cytoskeleton in the spatial control of CESA trafﬁcking and delivery to
the plasma membrane of Arabidopsis.
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3.3 Results
3.3.1 Observation of CESA complex delivery events to the plasma
membrane
Epidermal cells in the upper hypocotyl of seedlings expressing pCESA3-GFP-CESA3 to
label cellulose synthase complexes, and either 35S-mCherry-TUA5 or 35S-mCherry-
MAP4-MBD to label cortical microtubules, were observed by spinning disk confocal
microscopy (Figure 3.1). To more easily reveal newly delivered CESA complexes, we
bleached existing GFP-CESA3 in a large region of the plasma membrane. Delivery
events had to meet two criteria: ﬁrst, de novo appearance of a GFP-CESA3 puncta in
the optical plane of the plasma membrane that could not be attributed to migration
of existing plasma membrane localized complexes or a focal shift, and second, steady
movement in subsequent frames consistent with active CESA complexes (Desprez
et al., 2007; Haigler and Brown, 1986; Paredez et al., 2006; Debolt et al., 2007a,b)
(Figure 3.1; Movie S1). On the basis of these criteria, 4.8 ± 0.7 CESA-complex delivery
events μm−2 h−1 were observed.
Individual delivery events typically showed three phases of behavior. First, in
most events (37 of 60), a labelled particle appeared in the focal plane and showed
erratic motility with rapid and short dislocations (Figure 3.1b, f; Movies S2, S3). Sec-
ond, the particle stabilized and remained in a ﬁxed position for 62 ± 23 s (n = 60
events). Finally, the particle was observed to move at a slow and steady velocity of
approximately 200-400 nm min−1, typically on a linear path. In some cases (7 of 60),
a bifurcation of signal was seen to coincide with the onset of steady motility (Figure
3.1f), with daughter particles moving in opposite directions and with approximately
half the intensity each of the initial, stabilized particle (Figure 3.1g). We interpret
these events to be consistent with arrival of a trafﬁcking compartment with erratic
motility behavior in the optical plane and the subsequent delivery of one or two CESA
complexes with slow and steady motility behavior. From these observations alone,
it is not known whether the static phase represents stabilization of the delivering
compartment adjacent to the plasma membrane or whether it represents CESA com-
plexes that have been inserted into the plasma membrane but have yet to synthesize
enough cellulose to drive complex motility (Paredez et al., 2006; Debolt et al., 2007a).
3.3.2 CESA complexes are delivered at sites coincident with micro-
tubules
The positions of all delivery events within a sub-region of the bleached area were
determined for the ﬁrst 10min of ﬂuorescence recovery. These positionswere deﬁned
as the centroids of GFP-CESA3 particles during the static phase of delivery (Figure
3.1e). Sixty delivery events were then mapped onto segmented images of mCherry-
MAP4-MBD (Figure 3.1d, e). Forty-seven events (78%) were observed to be coincident
with microtubules, a frequency signiﬁcantly greater than the 30 events expected by
chance alone (P < 0.001, binomial test). Thus, CESA complexes are preferentially
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Figure 3.1: Delivery of CESA complexes to the plasma membrane is
coincident with microtubules. Three day old dark grown Arabidopsis
seedlings expressing GFP-CESA3 and mCherry-TUA5 or mCherry-MAP4-
MBD were imaged at 2-s intervals. (a) Photobleaching was used to visu-
alize delivery of GFP-labelled CESA complexes (arrowheads). A delivery
rate of 4.8 events μm−2 h−1 was measured from observations of 811
events in 3 cells from 3 seedlings. (b) Delivery of a GFP-CESA3 particle.
The CESA particle (arrowhead) undergoes three stages of behavior seen
on a kymograph taken along its path of movement (cyan line): erratic
motility, static localization and steady movement. (c) Colocalization of
the GFP-CESA3 particle in b with a microtubule. (d) Determination of
coincidence between a CESA complex delivery site and microtubules.
At the start of the static phase (t = 0), the centroid of the particle (cross)
is coincident with the thresholded microtubule signal. (e) Map of CESA
complex delivery sites in one cell overlaid on a 10-min average projec-
tion of microtubule signal (mCherry-MAP4-MBD). This panel illustrates
the relationship of the two patterns without correction for microtubule
dynamics. Sixty delivery events (from 3 cells) were analyzed for colo-
calization of CESA insertion into the plasma membrane with cortical
microtubules as in d; results are summarized in the panel. Events of
CESA complex appearance were associated with microtubules at a fre-
quency signiﬁcantly higher than chance (P < 0.001, binomial test). (f)
Delivery of multiple CESA particles at the same time and position. A
GFP-CESA3 particle arrives at the plasma membrane and splits into two
punctae, seen as bifurcation of signal (yellow arrow) on the kymograph
taken along the cyan line.
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Figure 3.1: (g) Surface plot of kymograph in f. Mean intensity above back-
ground was measured along the trunk (before split) and both branches
(after split) and reported as relative values ± s.d. Each daughter particle
contains roughly half the intensity of the original particle. A yellow arrow
marks the bifurcation point. Scale bars, μm.
delivered to the plasma membrane at sites coincident with microtubules.
To determine whether CESA delivery to the plasma membrane requires micro-
tubule function, we measured the rate of delivery events in cells treated with the
microtubule depolymerizing drug oryzalin. A delivery rate of 4.2 ± 1.3 events μm−2
h−1 was observed (n = 3 cells from 3 seedlings), a rate not signiﬁcantly different from
that in controls (P = 0.57, t-test). Therefore, cortical microtubules seem to guide CESA
complex delivery, but they are not required for the act of delivery.
3.3.3 Perturbation of actin disrupts the global distribution of CESA at
the plasma membrane
Wightman and Turner (2008) reported recently that in xylem vessels, actin ﬁlaments -
not microtubules - mark CESA delivery sites at the cell surface. To investigate the role
actin might have in CESA distribution in epidermal cells, we treated seedlings with 1
μM latrunculin B to disassemble the actin cytoskeleton. Cytoplasmic streaming was
severely inhibited, as assayed by Golgi body motility, but YFP-CESA6 punctae charac-
teristic of active complexes remained visible in the plasma membrane (Figure 3.2b,
c) indicating that delivery to the plasma membrane was not prevented. However, the
global distribution of CESA complexes was severely disrupted and many cells showed
large areas bereft of signal (Figure 3.2a, b). A clumped distribution of Golgi bodies
was observed in these cells, which showed close correlation with the patchy CESA
signal at the plasma membrane (Figure 3.2b). In control cells, patchy distribution
of Golgi bodies was also observed occasionally for short periods lasting 1-3 min.
Photobleaching recovery experiments revealed that CESA delivery in these cells was
biased to regions of higher Golgi body density (Figure 3.2d,f). Taken together, these
results suggest that motility and distribution of Golgi bodies by the actin cytoskele-
ton (Nebenführ et al., 1999) may be required for proper global organization and
distribution of CESA complexes in the plasma membrane, whereas the microtubule
cytoskeleton seems important for ﬁne-scale positioning of CESA delivery.
3.3.4 Isoxaben and osmotic stress cause cortical tethering of SmaCCs
To explore CESA trafﬁcking further, we examined the behavior of Golgi bodies and
SmaCCs. Golgi bodies, SmaCCs and active CESA complexes were distinguished by
characteristic motility, morphology and localization (Figure 3.3a,c). We had previ-
ously shown that the cellulose synthesis inhibitor isoxaben caused the rapid disap-
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Figure 3.2: CESA complex delivery is correlated with cortical Golgi body
distribution. (a, b) Latrunculin B induces stable clustering of Golgi bod-
ies and active CESA complexes. Seedlings expressing YFP-CESA6 were
treated with 0.05% DMSO (a) or latrunculin B (1 μM) in 0.05% DMSO
(b) for 4 h. After latrunculin B treatment for 4 h, cytoplasmic streaming
was severely diminished. Focal planes at the plasma membrane and
lower cell cortex are shown. In cells treated with latrunculin B, the non-
uniform distribution of CESA complexes (arrowheads) in the plasma
membrane coincided with underlying Golgi bodies (circled) in the cell
cortex. (c) Kymograph along the cyan trace in b. Particles show slow ( 300
nm min−1) and steady velocities, consistent with motility of active CESA
complexes. (d,f) Transient clustering of Golgi bodies in the cell cortex
leads to spatially concentrated delivery of CESA complexes to the plasma
membrane. (d) GFP-CESA3 signal in a cell was bleached. After 2 min,
labelled CESA complexes (arrowheads) accumulated non-uniformly. (e)
A 2-min brightest point projection (61 frames) of GFP signal in d. (f) Map
of CESA complex delivery sites overlaid on e. Cortical regions visited by
Golgi bodies (light areas) show a higher density of deliveries (crosses)
than regions bereft of Golgi bodies (dark areas). Scale bars, 5 μm.
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pearance of YFP-CESA6 complexes from the cell surface (Paredez et al., 2006). When
isoxaben treatment was carried out for longer periods of time, a striking additional
response was observed: SmaCCs accumulated in the cell cortex (Figure 3.3a,e) and
showed a marked reduction in motility, with sustained episodes of positional stability
(Figure 3.3; Movie S4). Golgi bodies in the cell cortex (labelled with YFP-CESA6 or
YFP-SYP32; (Uemura et al., 2004)) also showed reduced motility (Figure 3.3g; Movie
S4). The disappearance of YFP-CESA6 punctae was accompanied by a quantitative
loss of YFP signal from the plasma membrane (Figure S3.1), indicating that isoxaben
caused net removal of YFP-CESA6 from the membrane rather than simply dispers-
ing the protein by disruption of complex structure (Somerville, 2006). The cellular
pathology of isoxaben treatment described above was mimicked by several other
small molecules that disrupt cellulose biosynthesis (data not shown), including AE
F150944 ((Kiedaisch et al., 2003); Figure 3.3f; Figure S3.2).
As isoxaben and other cellulose synthesis inhibitors are pharmacological agents,
we sought to determine whether there are physiological conditions that perturb CESA
complex trafﬁcking. Previous studies have shown that osmotic stress downregulates
synthesis of cell wall polysaccharides, including cellulose (Iraki et al., 1989), and
rosettes were depleted in the plasma membrane of freeze-fractured plant cells that
were not turgid (Emons, 1985). Treatment with 200 mM mannitol, a concentration
of osmoticum that did not induce plasmolysis ( Figure S3.3), caused cortical accu-
mulation and tethering of SmaCCs (Figure 3.3; Figure S3.2, Movie 4). The density of
punctae in the plasma membrane was also reduced, but the extent of this clearing
was variable.
Although both isoxaben and osmotic stress caused tethering of SmaCCs and
Golgi bodies in the cell cortex, the motility of endosomes labelled with YFP-RabF2a
(Preuss et al., 2004b) was not affected by isoxaben and was slowed but not stopped by
mannitol treatment (Figure 3.3g). Furthermore, isoxaben did not alter the localization
of the brassinosteriod receptor BRI1 (Friedrichsen et al., 2000) and the t-SNARE
NPSN12 ((Zheng et al., 2002); Figure S3.3), suggesting that the drug neither disrupts
trafﬁcking of plasma membrane proteins in general nor causes bulk internalization of
plasma membrane proteins. Similarly, both of these markers remained at the plasma
membrane during treatment with 200 mM mannitol, although some evidence for
internalization of label was observed (Figure S3.3). The effects of isoxaben and
osmotic stress were reversible after a washout with water (Figure S3.2). Together,
these results suggest that isoxaben causes a speciﬁc perturbation in the localization
and motility of compartments involved in the trafﬁcking of CESA6, whereas osmotic
stress causes a similar syndrome of responses but may affect membrane trafﬁcking
more generally.
Treatment with brefeldin A, which blocks secretion and other membrane trafﬁck-
ing events by inhibiting the Sec7/BIG class of guanine nucleotide exchange factors
(Nebenführ et al., 2002), also caused cortical SmaCC accumulation and tethering (Fig-
ure 3.3; Figure S3.2, Movie 4), suggesting that the responses observed with isoxaben
and osmotic stress might be caused by speciﬁc disruption of membrane trafﬁcking.
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Figure 3.3: Isoxaben, osmotic stress and brefeldin A redistribute CESA
protein and alter the location and dynamics of compartments contain-
ing CESA. (a,f) Seedlings expressing YFP-CESA6 were treated with 0.05%
DMSO (control), 100 nM isoxaben in 0.01% DMSO, 200 mM mannitol,
50 μM brefeldin A in 0.05% DMSO or 10 nM AE F150944 in 0.01% DMSO
for 2 h. Figure caption continued on next page...
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Figure 3.3: (a) Confocal z-series of the cell cortex. Propidium iodide
staining of the cell wall provided a ﬁducial marker for the start of the
series. In controls, YFP punctae (closed arrowheads) corresponding
to active CESA complexes are visible in the plasma membrane. Lower
optical planes reveal Golgi bodies (circled) and small CESA compart-
ments (SmaCCs, open arrowheads). Isoxaben removed most punctae
from the plasma membrane and caused accumulation of labelled or-
ganelles in the cell cortex. (b,d) Kymographs of YFP-CESA6 structures
taken along cyan traces. In controls, punctae (b) travel at slow and con-
stant rates, whereas SmaCCs (c) move at higher velocities and change
directions frequently. (d) With isoxaben treatment, changes in SmaCC
velocity and direction were less frequent, compared with c. (e) SmaCCs
accumulate in the cortex under treatment with isoxaben, mannitol or
brefeldin A.Measurements (mean± s.e.m.) were taken from 3 cells (from
3 seedlings). (f) Histograms of SmaCC velocity in the cell cortex before
and after chemical treatment, measured in the same 3 seedlings per
treatment. (g) Organelle velocity in the cell cortex. Seedlings expressing
the indicated ﬂuorescent protein fusion were imaged, and velocity was
measured for the indicated organelle. Time courses show the weighted
average of n = 18 organelles in 3 cells from 3 seedlings (data are mean
± s.e.m.). Linear regression slopes signiﬁcantly different than zero are
marked with asterisks (P < 0.05). Scale bars, 1 μm.
3.3.5 Osmotic stress inhibits CESA delivery to the plasma membrane
The disappearance of CESA label at the plasma membrane and the cortical accu-
mulation of SmaCCs might be caused by a reduction in the rate of CESA complex
insertion into the plasma membrane, stimulation of CESA complex recycling from
the plasma membrane, or both. CESA delivery rate was reduced over 100-fold in
cells treated with 200 mM mannitol for 3 h: 0.04 ± 0.04 events μm−2 h−1 (5 cells, 5
seedlings), compared with 4.8± 0.7 events μm−2 h−1 for controls (3 cells, 3 seedlings).
Addressing the rate of internalization is more challenging, but experiments using the
lipophilic tracer dye FM4-64 (Bolte et al., 2004) showed that dye endocytosed after
initial mannitol treatment did not label SmaCCs, although SmaCCs could be labelled
after the dye had time to redistribute to other internal membranes, including Golgi
bodies (Figure S3.4).
3.3.6 Tethered SmaCCs colocalize with cortical microtubules
Time-lapse imaging revealed that cortically localized SmaCCs, which were often
stationary, also showed saltatory movement along linear paths (Figure 3.3d; Movie
S4), a pattern of movement consistent with cytoskeletal motility. Imaging of cells
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Figure 3.4: SmaCCs associate with cortical microtubules in cells treated
with isoxaben. (a) Seedlings expressing YFP-CESA6 and mCherry-TUA5
were treated with 0.01% DMSO (control) or 100 nM isoxaben in 0.01%
DMSO. SmaCCs (arrowheads) colocalize with microtubules. (b) Depoly-
merization of microtubules by oryzalin prevents cortical accumulation
of CESA6 under isoxaben treatment. Seedlings expressing YFP-CESA6
were incubated in 0.01% DMSO + 0.1% methanol alone (control) or to-
gether with 100 nM isoxaben, 20 μM oryzalin or 100 nM isoxaben + 20
μM oryzalin for 8 h. Averages of 61 frames representing 5 min. Scale
bars, 5 μm.
expressing markers for both CESA and microtubules revealed that during treatment
with isoxaben, mannitol or brefeldin A, cortically tethered SmaCCs were substantially
colocalized with microtubules (Figure 3.4a; Figure S3.5a, Movies S5,8). Oryzalin treat-
ment prevented accumulation of SmaCCs at the cell cortex (Figure 3.4b), indicating
that microtubules are also necessary for cortical tethering of SmaCCs.
3.3.7 SmaCC motility is driven by depolymerizing microtubule ends
To further elucidate SmaCC behaviour, we analysed the joint dynamics of micro-
tubules and 50 SmaCCs from 8 cells treated with isoxaben. Only SmaCCs that were
traceable for at least ﬁve continuous frames (that is, 20 s) were analysed. SmaCCs
moved along paths deﬁned by microtubules 43.0% of the time, were stationary and
coincident with a labelled microtubule for 55.1% of the time (frame-to-frame dis-
placement <50 nm s−1), and were not associated with microtubules 1.9% of the time.
Of the SmaCCs observed to move, 37 moved processively in coincidence with depoly-
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merizing ends (Figure 3.5a; Supplementary Information, Movie S9). Of the remaining
14, 9 were stationary and the other four showed movement along microtubule bun-
dles where individual polymers and polymer ends could not be distinguished (see
below). In this data set and others, comprising at least 100 observations, SmaCCs
were never observed to move along the lattice of an unambiguously single micro-
tubule - a behavior characteristic of translocation by motor proteins such as kinesins
- or to track with growing polymer ends. To further test whether SmaCC motility
was driven by microtubule depolymerization, microtubules were stabilized by taxol.
SmaCC velocity was reduced signiﬁcantly (Supplementary Information, Figure S3.5b,
c), indicating that SmaCCs require dynamic ends for microtubule-dependent motility.
Observation of tip-tracking motility suggests that tethered SmaCCs are physically
associated with microtubules.
Multiple SmaCCs associated with the same microtubule were observed to be
collected by depolymerizing ends (Figure 3.5b; Supplementary Information, Movie
S10), with total signal increasing in a stepwise fashion with the addition of each
SmaCC. The movement of SmaCCs associated with depolymerizing ends was not
conﬁned to single cortical microtubules, but was also observed within microtubule
bundles (Figure 3.5c; Supplementary Information, Movie S11), suggesting that the
architecture of bundles does not prevent this form of organelle motility. Finally,
SmaCCs were observed to track both plus and minus ends of microtubules (Figure
3.5b), indicating that these organelles use a mechanism of microtubule end tracking
motility that is independent of polarity.
Observation of sustained interaction of SmaCCs with cortical microtubules was
uncommon in cells under normal conditions, but close examination of image se-
quences acquired at 2-s intervals revealed brief microtubule tip-tracking events (6
events in 4 cells from 4 seedlings; Figure 35d, e; Supplementary Information, Figure
S3.6, Movie S12).
3.3.8 CESA delivery is associated with microtubule-tethered SmaCCs
To explore the functional nature of tethered SmaCCs, we followed the fate of CESA
protein as osmotic stress was lifted. We observed two classes of events in these
experiments. First, we observed CESA complex delivery associated with microtubule-
tethered SmaCCs (n = 18 events in 7 cells; Figure 3.6; Supplementary Information,
Figure S3.7, Movie S13). These SmaCCs could showmicrotubule tip-tracking behavior
before complex delivery (Figure 3.6). Second, we observed the successive break-up of
SmaCCs into more numerous and less bright cytoplasmic components. These break-
up products did not show the slow, steady and constrained trajectories of active
CESA complexes but rather, the more erratic motility behavior of SmaCCs (Figure
3.7; Supplementary Information, Movie S14). As ‘collection’ behaviour of SmaCCs
was often observed (Fig. 5b), it is possible that these break-up events represent the
dispersal of tethered SmaCC aggregates.
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Figure 3.5: CESA tracks depolymerizing microtubule ends. (a,c) Cor-
tically tethered SmaCCs frequently show tip-tracking behavior dur-
ing isoxaben treatment or osmotic stress. Time series showing dy-
namic association between SmaCCs (arrowheads) and microtubule ends
(dashes). Seedlings expressing markers for CESA (green) and micro-
tubules (red) were treated with 100 nM isoxaben or 200 mM mannitol.
(a) A microtubule-associated SmaCC is initially stationary and then
moves along the microtubule when encountering a depolymerizing mi-
crotubule end. (b) SmaCCs track with the depolymerizing plus and
minus ends of the same microtubule. Two SmaCCs on the left are col-
lected on the depolymerizing end. The increase in CESA signal suggests
that both compartments maintain association with the depolymerizing
end. (c) A SmaCC moves with a shrinking microtubule end in a micro-
tubule bundle. For b and c, intensity from both channels was measured
along the cyan trace for each time point. (d, e) CESA undergoes brief
tip-tracking events under normal conditions. A labelled CESA com-
plex is delivered to the plasma membrane in the absence of drugs. (d)
Still images at t = 0 showing GFP-CESA3 (arrowhead) and an associated
microtubule.
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Figure 3.5: (e) Kymograph along the cyan trace in a. The static phase of
CESA complex delivery is interrupted by a depolymerizing microtubule
end. GFP-CESA3 moves with the depolymerizing end for several frames
(*), becomes static again and then moves steadily. Green arrowheads
mark the position of GFP-CESA3 where steady movement starts. The
transitory nature of the tip-tracking event makes it difﬁcult to identify
the tracking object as a SmaCC or possibly a membrane-embedded
CESA complex, although the former possibility is the more parsimonious
hypothesis. Scale bars, 1 μm.
3.3.9 Microtubule-associated SmaCCs are heterogeneous in identity
The observations consistent with quantitative delivery of one or two CESA complexes
under normal conditions (Figuress 3.1, 3.5d, e) suggest that these compartments
are large enough to contain 1 or 2 CESA complexes and thus are probably vesicular.
Some Golgi bodies were observed to associate with SmaCCs under normal conditions
and to show physical tethering to microtubule-associated SmaCCs during osmotic
stress or isoxaben treatment (Supplementary Information, Figure S3.8, Movie S15).
Consistent with these observations, three putative markers for the trans-Golgi net-
work - SYP41, SYP42 and SYP61 (Uemura et al., 2004; Bassham et al., 2000) - showed
signiﬁcant overlap with freely motile SmaCCs under both normal conditions and
during osmotic stress or isoxaben treatment. However, the population of cortically-
tethered SmaCCs showed no signiﬁcant colocalization with SYP41 or SYP42, although
a minority (20 of 60 in 3 cells) colocalized with SYP61 (Figure 3.8; Supplementary
Information, Figure S3.9). Thus, microtubule-associated SmaCCs seem to constitute
a heterogeneous population of organelles. A survey of 9 additional ﬂuorescent mark-
ers for various endomembrane structures did not reveal a deﬁnitive marker for most
of the tethered SmaCCs (Supplementary Information, Table 1 and data not shown).
Further elucidation of SmaCC diversity will probably require isolation of SmaCCs
and analysis of constituent proteins other than CESA.
3.4 Discussion
Interphase microtubule arrays have important roles in the vectorial trafﬁcking of
membranes and proteins in many organisms, but the function of the acentrosomal
cortical array of higher plant cells in trafﬁcking and targeting has remained little
explored. Bundles of cortical microtubules have long been observed to underlie
thickenings in specialized secondary cell walls (Hepler and Newcomb, 1964; Oda
et al., 2005) and recently were shown to colocalize with mucilage secretion in seed
coat cells (McFarlane et al., 2008). Here we assayed protein delivery by observing
single delivery events of CESA complexes to the plasma membrane and found that
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Figure 3.6: SmaCCs are associated with CESA complex delivery to the
plasma membrane. (a,c) Seedlings were treated with 200 mM mannitol
for 3 h and then washed with water for 0.5 h. (a) A SmaCC (open arrow-
head) tracks a depolymerizing microtubule end for the ﬁrst 120 s and
then jumps to an adjacent microtubule. At 274 s, the SmaCC begins to
split into two structures of unequal intensity. The brighter compartment
(open arrowhead) leaves the focal plane (at 314 s) in a manner consistent
with SmaCC motility. The dimmer compartment (closed arrowhead)
moves at a slow and steady velocity, consistent with CESA complex motil-
ity in the plasma membrane. (b) Kymograph along the cyan line in a,
showing prolonged tip-tracking by the SmaCC. (c) Kymograph along
the magenta line in a, showing the SmaCC-associated delivery event. A
yellow arrow marks the bifurcation point. (d) Surface plot of c. Mean
intensity above background was measured in the indicated regions and
reported as relative values ± s.d. A yellow arrow marks bifurcation. The
sum of signal intensity from both branches roughly equals the trunk,
suggesting both daughter particles originated from the same structure.
Scale bars, 1 μm.
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Figure 3.7: Successive break-up of one SmaCC into multiple cytoplasmic
compartments. Seedlings were treated with 200 mM mannitol for 3 h
and then washed with water for 0.5 h. (a) A SmaCC (arrowhead) splits
into two compartments, clearly visible at 116 s. The brighter daughter
SmaCC then proceeds to split into 3 compartments, clearly visible at 198
s. All structures show motility characteristic of SmaCCs. (b) Kymograph
along the cyan trace in a. Yellow arrows mark the bifurcation events.
(c) Surface plot of b. Mean intensity above background was measured
in the indicated regions and reported as relative values ± s.d. Yellow
arrows mark the bifurcation points. The sum of intensity values after
each bifurcation event roughly equals the intensity of the originating
compartment. The second break-up event has three daughter particles,
only two of which move along the kymograph trace in a. Mean intensity
for the third daughter particle, measured along a different kymograph
line, is 0.18 ± 0.05. Scale bars, 1 μm.
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Figure 3.8: SYP41 and SYP61 label a subset of SmaCCs. (a,f) Seedlings
expressing YFP-CESA6 and mCherry-SYP41 (a,c) or mCherry-SYP61 (d,f)
were incubated in water (a, c) or 200 mM mannitol (b, c, e, f) for 3 h and
imaged at the cell cortex. (a, d) Some small compartments are labelled
with YFP only (green arrowheads), mCherry only (red arrowheads) or
both (yellow arrowheads). (b, c) SYP41 fails to label cortically tethered
SmaCCs (green arrowheads) after mannitol treatment.
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Figure 3.8: (e, f) SYP61 labels some tethered SmaCCs (yellow arrow-
heads) but not all (green arrowheads). Of 60 tethered SmaCCs, 20 were
labelled by mCherry-SYP61 (observations from 3 cells from 3 mannitol-
treated seedlings). These results suggest that SmaCCs are a heteroge-
neous population of membranous compartments, with one class being
identiﬁed by SYP41 colocalization, a second by SYP61 colocalization and
microtubule association, and a third class by the absence of SYP41/61
colocalization but with microtubule association. This latter class makes
up the majority of observed SmaCCs that show sustained microtubule
interaction. (a, b, d, e) Still images. (c, f) Averages of 61 frames represent-
ing 1 min. Scale bars, 5 μm.
most of the newly arrived complexes were optically coincident with labelled micro-
tubules. This result suggests two possible mechanisms. First, microtubules might
interact with and organize exocytotic machinery, creating a pattern of vesicle dock-
ing sites that is coincident with the microtubule array. Second, CESA-containing
delivery compartments might preferentially dock and pause at microtubules, as
actinomyosin-driven cytoplasmic streaming carries them through the cortex, thus
promoting interaction with export sites located adjacent to microtubules. These
models are not mutually exclusive. Support for the latter mechanism is provided
by our observations of SmaCC interaction with cortical microtubules and of CESA
delivery events coinciding with microtubule-associated SmaCCs during recovery
from osmotic stress. Although sustained pausing of SmaCCs on microtubules was
not observed in untreated cells, observation of brief tip-tracking events suggest that
perturbations of CESA activity might cause prolongation of a SmaCC-microtubule
interaction that is normally short-lived.
Two classes of hypotheses can be envisioned for the function of microtubule-
dependent positioning of CESA delivery to the plasma membrane. Positioning of
CESA delivery might ensure efﬁcient association of CESA with cortical microtubules
at the time of microﬁbril initiation. This mechanism would ensure that most mi-
croﬁbrils are initiated in the appropriate positions and orientations as determined
by cortical microtubule array organization. Alternatively, microtubules might help to
coordinate the location or timing of CESA delivery with other proteins or polysaccha-
rides required for cell wall biogenesis.
The mechanism for SmaCC tethering to microtubules and tip-tracking motility
seems to be unusual for amembranous compartment. SmaCCmotility could possibly
be driven by a tip-tracking kinesin (Wu et al., 2006); however, the observation that
both polymer ends are tracked would require two such motors with opposite polarity,
each activated by depolymerization. The tip-tracking behaviour of SmaCCs more
closely resembles the behaviour of the DAM1 complex in yeast (Westermann et al.,
2006), a part of the kinetochore required for chromosome segregation. The Dam1
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complex forms a ring structure around microtubules, which move processively on
depolymerizing microtubule ends in vitro (Westermann et al., 2006). Non-encircling
Dam1 oligomers are also observed to track shrinking microtubule ends (Grishchuk
et al., 2008). However, a search of the Arabidopsis genome reveals no clear DAM1
homologues. Biochemical and genetic investigations will be required to reveal if
there are in fact dual motors acting on the same cargo, if there are other proteins that
function similarly to DAM1, or if there is a new mechanism for microtubule-based
motility waiting to be discovered.
Microtubule tip-tracking motility might help to distribute SmaCCs on the cell
cortex, although prolonged cytoskeletal association of SmaCCs does not seem to be
prevalent during normal cell growth. Another possibility is that motility is simply a
consequence of a more fundamental microtubule attachment mechanism. Cortical
microtubules are highly dynamic polymers that show treadmilling behaviour (Shaw
et al., 2003). To maintain attachment to this dynamic substrate, an organelle or
vesicle must either be able to remain associated with a shrinking end or undergo
quick re-association with another microtubule when depolymerization destroys the
site of attachment. SmaCC movement on shrinking ends may therefore represent a
mechanism for maintaining attachment to a treadmilling array.
The observation that cellulose biosynthesis inhibitors, osmotic stress andbrefeldin
A all caused cortical accumulation and tethering of SmaCCs suggests that these treat-
ments may impinge on a common pathway regulating CESA trafﬁcking. Previous
work on osmotic stress provides a physiological context for this distinctive response.
During severe osmotic stress, soluble sugars and amino acids accumulate at high
intracellular concentrations to counteract water efﬂux (Handa et al., 1983), and the
biosynthesis of cellulose and hemicellulose is reduced (Iraki et al., 1989). Our obser-
vations suggest that the CESA complex itself is depleted from the plasma membrane
during this metabolic shift and that its insertion into the plasma membrane is in-
hibited. Sequestration of either recycled or outgoing CESA in cytoplasmic reservoirs
adjacent to the cell surface might provide an effective mechanism of blocking cellu-
lose biosynthesis to increase the cytosolic concentration of sugar precursors, as well
as allow for efﬁcient redeployment of CESA to the plasma membrane on relief from
the stress. Evidence for such deployment was in fact observed during recovery from
osmotic stress.
Here we present evidence that, in addition to guidance of CESA complexes, the
cortical microtubule array also acts to position delivery of CESA complexes to the
plasma membrane and interacts with CESA trafﬁcking compartments. The relative
contributions of these cortical array functions to plant cell growth and morphogene-
sis can now be investigated through use of the expanding collection of mutants and
small molecule effectors that perturb cellulose synthesis and cell growth.
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3.5.1 Transgenic lines
All Arabidopsis lines were ecotype Columbia. Five lines were used for dual imaging of
CESA and microtubules: 1) pCESA3-GFP-CESA3 and 35S-mCherry-TUA5, 2) pCESA3-
GFP-CESA3 and 35S-mCherry-MAP4-MBD, 3) pCESA6-YFP-CESA6 and 35S-mCherry-
TUA5, 4) pCESA6-CFP-CESA6 and 35S-YFP-TUA5 and 5) pCESA6-YFP-CESA6 and
35S-CFP-TUA1 (Paredez et al., 2006). All lines produced similar results.
To generate all mCherry constructs, mCherry was ampliﬁed from a donor vector
(Shaner et al., 2004) with primers 5’-TTGGATCCATGGTGAGCAAGGGCGAGGA-3’,
and 5’-GGTCC GGACTTGTACAGCTCGTCCATGC-3’, which contained Bam HI and
Bsp EI sites, respectively. This fragment was cut with Bam HI and ligated to an HA tag
containing a linker sequence. The HA tag was made using complementary oligonu-
cleotides 5’-GGCCATGGGCTACCCATACGATGTTCCAGATTACGCTTCACTAGGAGGA
CCTTCAG-3’ and 5’-GATCCTGAAGGTCCTCCTAGTGAAGCGTAATCTGGAACATCGTA
TGGGTAGCCCATGGCC-3’, which featured ﬂanking Nco I and Bam HI sites. The YFP
sequence in the pEG104 binary vector (Earley et al., 2006) was then exchanged with
the HA-mCherry fragment via NcoI and Bsp EI sites. TUA5, SYP41, SYP42 or SYP61
was ampliﬁed from Col-0 genomic DNA and inserted into the resulting vector using
Gateway cloning technology (Invitrogen) as described previously (Kirik et al., 2007).
The microtubule-binding domain (MBD) of MAP4 was ampliﬁed from the genomic
DNA of GFP-MAP4-MBD plants (Marc et al., 1998). The mCherry fusion constructs
were then introduced into YFP-CESA6 plants (Paredez et al., 2006) or GFP-CESA3
plants (Desprez et al., 2007) by Agrobacterium-mediated transformation to generate
the double-labelled lines. CFP-CESA6 plants were constructed as described previ-
ously (Paredez et al., 2006) and crossed with YFP-TUA5 plants (Debolt et al., 2007a)
to create a double-labelled line.
GFP-CESA3 (Desprez et al., 2007) and GFP-KOR1 (Robert et al., 2005) seeds were
provided by S. Vernhettes (Institut National de la Recherche Agronomique, Versailles,
France). YFP-RabF2a, YFP-RabA4b and YFP-RabG3c (Preuss et al., 2004b) seeds
were provided by E. Nielsen (University of Michigan, USA). YFP-SYP32, YFP-RabF2b,
YFP-RabC1, YFP-RabA1g, YFP-RabA5d and YFP-RabG3f seeds were provided by N.
Geldner (Salk Institute, CA, USA; Geldner and Chory, unpublished data).
3.5.2 Growth
Seeds were surface sterilized, stratiﬁed for 3 days at 4 ◦C, and sown on 0.8% agar
containing 0.5x Murashige and Skoog (MS) salts and 1x Gamborg’s vitamin solution
(Sigma-Aldrich) at pH 5.7. After 1 h of light exposure, the seedlings were grown in
darkness for 60-72 h at 22 ◦C.
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3.5.3 Specimen mounting
Seedlings were mounted between a 24 x 60 mm cover glass and a 1-mm thick 0.8%
agar pad afﬁxed to a 22 x 22 mm cover glass. The agar cushion stabilized the specimen
for sustained time-lapse imaging, minimized compression and mechanical damage,
and allowed greater reproducibility in mounting conditions.
3.5.4 Drug treatments
For time-courses, seedlings were mounted in solution containing the chemical
agent(s) and imaged at various time points. For other experiments, seedlings were
submerged in 2 ml of solution in 12-well cell culture plates (Becton Dickinson) and
incubated in darkness. Isoxaben, brefeldin A, latrunculin B, taxol, oryzalin (Sigma-
Aldrich) and AE F150944 (Bayer CropScience) were dissolved in dimethyl sulfoxide
(DMSO) or methanol to create stock solutions. Working solutions of chemicals were
freshly diluted in water from these stocks immediately before use. Propidium iodide
(PI) and FM4-64 were dissolved in water and used at a concentration of 10 μg ml−1
and 20 μM, respectively
3.5.5 Confocal microscopy
Imaging of plants expressing GFP:CESA3 and mCherry-TUA5 or MAP4-MBD was per-
formed on a system featuring a CSU-X1 spinning disk head (Yokogawa), Axiovert 200
inverted microscope (Zeiss), x100/1.4 NA oil immersion objective, QuantEM:512SC
CCD camera (Roper Scientiﬁc) and x1.2 lens between the spinning disk unit and cam-
era. Excitation switching and shuttering was performed by a multi-channel AOTF
device (AA Opto-Electronic Company), and emission ﬁltering was accomplished
with band pass ﬁlters (530/50 nm for GFP, and 640/50 nm for mCherry; Chroma
Technology). GFP and mCherry were excited at 491 nm and 561 nm, respectively,
by solid-state lasers. Typical exposure times were 600 ms for GFP and 300 ms for
mCherry.
Photobleachingwas performed by a FRAP/PA system (Roper Scientiﬁc) integrated
into the setup above. Focused laser light was scanned on the image plane by a
pair of galvometer-driven mirrors inside the FRAP/PA unit. Scanner positions were
calibrated to image coordinates using an automated procedure. GFP photobleaching
was performed with a 491 nm laser (5 ms per scan point of 4 pixels in diameter) for
plants expressing GFP-CESA3 and mCherry-MAP4-MBD or a 405 nm laser (10 ms per
scan point) for plants expressing GFP-CESA3 and mCherry-TUA5.
Imaging of seedlings expressing YFP-CESA6 and mCherry-SYP41/42/61 or la-
belled with FM4-64 was performed on a system similar to the one described above,
except a DMI6000 B inverted microscope (Leica) was used and an AOTF from Crystal
Technologies was used to select and attenuate excitation light. YFP was imaged using
the same settings as GFP, and FM4-64 used the same settings as mCherry.
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All other imaging was performed on a system as described previously (Paredez
et al., 2006). Fluorescent markers were excited at 442 nm (CFP), 488 nm (GFP/YFP),
514 nm (YFP) or 568 nm (PI). Emission was collected through band-pass ﬁlters
(Chroma Technologies): 480/40 nm (CFP), 525/50 nm (GFP/YFP), 570/65 nm (YFP)
and 620/60 nm (RFP and PI). Acquisitions were typically performed with 500-ms
exposures (with two-frame averaging).
For all imaging experiments, focal shift was monitored by tracking other objects
in the same focal plane as the object under study.
3.5.6 General image processing
All image processing was performed using ImageJ software (Rasband, 2012). For
analyses involving measurement of signal intensity, only linear adjustments to pixel
values were made. For other images, background signal was reduced using the ‘Sub-
tract Background’ tool (rolling ball radius of 20 - 30 pixels) in ImageJ. Image drift was
corrected using ImageJ plugins: StackReg (Thevenaz et al., 1998) and MultiStackReg
(http://www.stanford.edu/ bbusse/work/downloads.html). Post-acquisition frame
averaging (http://valelab. ucsf.edu/ nico/IJplugins/Running_ZProjector.html) was
applied to time series where indicated.
3.5.7 Colocalization analysis of CESA delivery sites and cortical mi-
crotubules
GFP signal in seedlings expressingGFP-CESA3 andmCherry-MAP4-MBDwas bleached
at the plasma membrane and imaged at 2-s intervals. The CESA channel was scanned
for delivery events deﬁned by punctae appearing at the plasma membrane and then
moving steadily. Sixty events from 3 cells were selected arbitrarily and analysed. For
each putative delivery event, previous frames were studied to ensure that the puncta
of interest appeared de novo and could not be attributed to other particles nearby.
At the start of the static phase (t = 0), the centroid of the particle was determined by
eye. A 3-frame running average was applied to the microtubule channel. The frame
representing t = 0 was then thresholded using the Isodata algorithm in ImageJ to
create a binary image of microtubule signal. The particle centroid was then mapped
onto the binary image to determine colocalization.
A binomial test was used to determine whether CESA delivery was coincident
with microtubules at a frequency higher than chance. The expected colocalization
between delivery events and microtubules, according to the null hypothesis, was
dependent on the optical coverage of microtubule signal at the cell cortex. To cal-
culate this value, the microtubule channel was converted into a binary image stack,
and averaged over the time series. The mean pixel intensity in this time average
projection represented the optical coverage. Overall, microtubules occupied approx-
imately 50.7% of the cell cortex. From our analysis, 47 of 60 delivery events were
coincident with microtubules. The observed frequency is signiﬁcantly higher than
chance according to the binomial test (P < 0.001).
58 3. Cellulose synthase complex trafﬁcking
3.5.8 Delivery rate analysis of CESA complexes
Seedlings expressing GFP-CESA3 and mCherry-MAP4-MBD or TUA5 were treated
with control, oryzalin (20 μM) or mannitol (200 mM) for 308 h and bleached as
described above. All observable CESA delivery events within a large area (277-569
μm2) of the bleach region were counted over a 3- to 10-min window per cell. For
control, 811 events in 1031 μm2 were observed in 3 cells over a combined 30 min. For
oryzalin, 1011 events in 1458 μm2 were observed in 3 cells over a combined 30 min.
For mannitol, 8 events in 1778 μm2 were observed in 5 cells over a combined 22 min.
3.5.9 Measurement of particle intensity in kymographs
CESA-labelled particles occasionally appeared to split into two or more daughter par-
ticles. To conﬁrm that the CESA signal was conserved before and after putative split-
ting events, individual particle intensities were measured in a background-subtracted
kymograph. For each time-point, a 5-pixel (0.67 μm) portion of the kymograph line,
centered on the particle, was measured. Mean intensity from multiple time points
was then calculated. Surface plots of kymographs were generated using the Interac-
tive 3D Surface Plots plugin (http://rsbweb.nih.gov/ij/plugins/surface-plot-3d.html).
3.5.10 Measurement of SmaCC density at cell cortex
Time series imaging of YFP-CESA6 labelled cells was performed in the optical plane
of the cell cortex. SmaCCs in the ﬁrst frame of the time series were tallied. SmaCCs
were identiﬁed by optical size and dynamic behaviour as revealed in subsequent
frames. The area of the visible cortex was also measured, and density was calculated
(number of compartments per 100 μm2).
3.5.11 Organelle velocity analysis
Frame-to-frame velocities of objects were measured using the ImageJ SpotTracker
plugin (Sage et al., 2005). A Gaussian blur ﬁlter (2 pixel radius) was applied to time
series of Golgi body images to identify centroids with greater ease. For each time
point, multiple objects were tracked in at least 3 cells in 3 plants. The set of frame-to-
frame velocities for one object was treated as a statistical subgroup. The weighted
average of subgroups for each time point was calculated, as well as the standard error
of this value. Linear regression was performed using Prism 5 (GraphPad software) to
determine whether organelle velocity decreased signiﬁcantly over time (that is, slope
less than zero). Two-level nested ANOVA was also performed to determine whether
organelle velocity differed signiﬁcantly between two treatments.
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3.7 Supplementary information
Figure S3.1: Isoxaben causes loss of YFP-CESA6 signal from the plasma
membrane. Seedlings expressing YFP-CESA6 were treated with 0.01%
DMSO (control) or 100 nM isoxaben in 0.01% DMSO. Z-series of 10 opti-
cal planes, spaced 0.3 μm apart, were acquired. Propidium iodide was
used to stain the cell wall, providing a ﬁducial marker for the start of the
z-series. Based on examination of many images, we determined that
the outer three planes (z = +0.3 to +0.9 μm) represented the extracellular
space and the fourth (z = 0 t¸m) represented the plasma membrane. The
next six planes (z = -0.3 to -1.8 m) sampled the cellular space interior
to the plasma membrane. Relative YFP-CESA6 signal densities were
measured in background-subtracted images representing the plasma
membrane (a), cytoplasm (b) and total (c). Each data point represents
signal density (relative intensity per unit volume) from at least 3 cells
from 3 unique plants. Isoxaben signiﬁcantly decreases YFP-CESA6 signal
at the plasma membrane (a) compared to control (P = 0.027, F-test for
equality of slopes of regression lines). Total integrated signal does not
change signiﬁcantly (c), suggesting there is no net loss of CESA6. Since
most of the total CESA6 protein resides in cytoplasmic organelles, and
measured values for cytoplasmic signal have high variance (b), it is not
possible to determine if the protein lost at the plasma membrane could
be accounted for in cytoplasmic pools. Measurements in a were cor-
rected for out-offocus signal caused by Golgi bodies and small compart-
ments. First, the planes representing the cytoplasm were summed and
thresholded by eye. Structures larger than 12 square pixels were identi-
ﬁed using the ‘Analyze particles’ tool in ImageJ. Regions of the plasma
membrane that were directly above these structures were eliminated
from analysis. Thus the reported intensities in a primarily represent sig-
nal from CESA punctae in the plasma membrane. Error bars represent
s.e.m.
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Figure S3.2: Effects of isoxaben, mannitol or BFA treatment on CESA6
are reversible. Seedlings expressing YFP-CESA6 were treated with 0.05%
DMSO (control), 100 nM isoxaben in 0.01% DMSO, 200 mM mannitol,
50 μM BFA in 0.05% DMSO or 10 nM AE F150944 in 0.01% DMSO for
3 h (a). In all non-control treatments, few punctae are visible in the
plasma membrane, and many SmaCCs are observed in the cell cortex.
The plants were then incubated in water for 5 h. After washing, CESA6
complexes accumulate in the plasma membrane and are motile in all
treatments (b). Observations were performed on three plants per treat-
ment. Representative images are shown. Washout was not performed
for AE F150944-treated plants. Time-averaged projections were made
from 61 images collected over 5 min. Scale bar, 5 μm.
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Figure S3.3: Isoxaben does not generally affect the localization of plasma
membrane proteins. Seedlings expressing plasma membrane markers
BRI1-GFP (a) or YFP-NPSN12 (b) were treated with 0.05% DMSO (con-
trol), 100 nM isoxaben in 0.01% DMSO, 200 mM mannitol or 50 μM BFA
in 0.05% DMSO. Focal planes at the plasma membrane and lower cell
cortex are shown. Isoxaben does not noticeably disrupt localization of ei-
ther labeled protein.Mannitol causes some detectable internalization of
BRI1 signal but does not induce plasmolysis at the concentration used.
BFA causes intracellular accumulation of labeled BRI1 and NPSN12.
Scale bar, 5 μm.
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Figure S3.4: FM4-64 dye is internalized into SmaCCs slowly. YFP-CESA6
seedlings were light-grown for 3 days and incubated in 200 mM mannitol
and 20 μM FM4-64 for 10 min (a) or 30 min (b). Epidermal hypocotyl
cells were imaged. (a) At 10 min, the dye labels endosomes (Bolte et al.,
2004) (red arrowheads) that are not coincident with cortically tethered
SmaCCs (green arrowheads), which were identiﬁed based on their dy-
namics. (b) After 30 min, the dye labels Golgi bodies (circles) and some
SmaCCs (yellow arrowheads), indicating that it is possible to eventually
load enough dye into SmaCC membranes for positive detection. The fact
that dye is not detected in SmaCCs at earlier time points, although the
plasma membrane is well labeled, suggests that most observed SmaCCs
are not directly formed by endocytosed plasma membrane. Scale bar, 5
μm.
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Figure S3.5: SmaCCs colocalize with cortical microtubules in cells
treated with BFA or mannitol. Seedlings expressing YFP-CESA6 and
mCherry-TUA5 were treated with 200 mM mannitol or 50 μM BFA for 3
h. SmaCCs (arrowheads) show colocalization with microtubules. Scale
bar, 5 μm. (b, c) Stabilization of cortical microtubules by taxol low-
ers SmaCC velocity under isoxaben treatment. Seedlings expressing
CFP-CESA6 and YFP-TUA5 were treated with 100 nM isoxaben in 0.11%
DMSO or 100 nM isoxaben + 20 μM taxol in 0.11% DMSO for 2 h. Vi-
sualization of labeled microtubules conﬁrmed that taxol slowed down
depolymerization of microtubules. (b) Representative kymographs of
SmaCCs. (c) Velocities of SmaCCs in the cell cortex. For each treatment,
n = 24 SmaCCs from 4 cells (from 4 seedlings). Application of isoxaben
and taxol together reduces SmaCC velocity more than isoxaben does
alone (P < 0.001, two-level nested ANOVA). Error bars represent s.e.m.
Scale bar, 1 μm.
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Figure S3.6: Two additional examples of CESA tip tracking under normal
conditions. Seedlings expressing GFP-CESA3 and mCherry-TUA5 were
imaged in the absence of drugs. (a,c) First example. (a) Still images at
t = 0 showing GFP-CESA3 (arrowhead) and an associated microtubule.
(b) Kymograph along cyan trace in a. A CESA particle appears in the
focal plane of the plasma membrane and becomes stationary. This static
behavior is interrupted by a depolymerizing end. GFP-CESA3 tracks
with the end for several frames (*) and then becomes static again. (c)
Kymograph along magenta trace in a. At 78 s, the CESA particle moves
steadily. (d, e) Second example. (d) Still images at t = 0 showing GFP-
CESA3 (arrowhead) and an associated microtubule. (e) Kymograph
along cyan trace in d. As in b, GFP-CESA3 tracks on a depolymerizing
end (*). Scale bar, 1 μm.
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Figure S3.7: Two additional examples of CESA delivery events that are
associated with SmaCCs. Seedlings were treated with 200 mM mannitol
for 3 h and then washed with water for 0.5 h. Kymographs were taken
along the cyan trace. Yellow arrows mark bifurcation on the kymographs.
(a) First example. A SmaCC (open arrowhead) tracks on a depolymeriz-
ing end before splitting into two structures of unequal intensity at 104 s.
The brighter particle (open arrowhead) moves in a manner consistent
with SmaCC motility. The dimmer particle (closed arrowhead) moves
at a slow and steady rate, consistent with CESA complex motility in the
plasma membrane. (b) Second example. A similar event occurs in a
different cell. The splitting event occurs at around 146 s. Scale bar, 1 μm.
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Figure S3.8: Golgi bodies associate with SmaCCs. (a) YFP-CESA6
seedlings were treated with 0.01% DMSO (control), 100 nM isoxaben
in 0.01% DMSO or 200 mM mannitol for 3 h. In the control, physical
association between Golgi bodies (arcs) and SmaCCS (arrowheads) is
frequently observed. With isoxaben or mannitol treatment, this associa-
tion is more conspicuous: the two structures are sometimes observed
to be connected by a detectable strand of YFP-CESA6 signal (bracket),
which may represent a membrane bridge. (b) Association between Golgi
bodies and cortically localized SmaCCs persists for up to several min-
utes in the presence of cytoplasmic streaming. Seedlings expressing
YFP-CESA6 and CFP-TUA1 were treated with 100 nM isoxaben for 2 h.
A short distance (< 1.3 μm) is maintained between a Golgi body and
a moving SmaCC for 120 s, suggesting the two are physically tethered.
These observations suggest that some SmaCCs can form tight associa-
tions with Golgi bodies, which might be the case if these SmaCCs are
derived from them or interact closely with them to exchange cargo. Scale
bar, 1 μm. See Movie 15.
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Figure S3.9: SYP42 labels a subset of SmaCCs. Seedlings expressing
YFP-CESA6 and mCherry-SYP42 were incubated in water (a) or 200 mM
mannitol (b, c) for 3 h and imaged at the cell cortex. (a) Some small
compartments are labeled by YFP only (green arrowheads) or both YFP
and mCherry (yellow arrowheads). (b, c) SYP42 fails to label cortically
tethered SmaCCs (green arrowheads) after mannitol treatment. (a, b)
Still images. (c) Averages of 61 frames representing 1 min. Scale bar, 5
μm.
Associations between the
actin and microtubule
cytoskeleton 4
4.1 Abstract
In eukaryotic cells, the actin and microtubule (MT) cytoskeletal networks are dy-
namic structures that organize intracellular processes and facilitate their rapid reor-
ganization. In plant cells, actin ﬁlaments (AFs) and MTs are essential for cell growth
and morphogenesis. However, dynamic interactions between these two essential
components in live cells have not been explored. Here, we use spinning-disc confocal
microscopy to dissect interaction and cooperation between cortical AFs and MTs in
Arabidopsis thaliana, utilizing ﬂuorescent reporter constructs for both components.
Quantitative analyses revealed altered AF dynamics associated with the positions
and orientations of cortical MTs. Reorganization and reassembly of the AF array was
dependent on the MTs following drug-induced depolymerization, whereby short AFs
initially appeared colocalized with MTs, and displayed motility along MTs. We also
observed that light-induced reorganization of MTs occurred in concert with changes
in AF behavior. Our results indicate dynamic interaction between the cortical actin
and MT cytoskeletons in interphase plant cells.
4.2 Introduction
The cytoskeleton supports many fundamental cellular processes, including mor-
phogenesis, cell division, and vesicle trafﬁcking (Goode et al., 2000; Fu et al., 2005;
Collings, 2008; Gutierrez et al., 2009; Petrásek and Schwarzerová, 2009; Szymanski
and Cosgrove, 2009). The actin ﬁlaments (AFs) and microtubules (MTs) were for-
merly viewed as two distinct networks with separate functions, but were found to
cooperate in yeast (Saccharomyces cerevisiae) and animal cells (Goode et al., 2000).
For example, coalignment of AFs and MTs was observed in Taricha granulosa (newt)
lung epithelial cells (Salmon et al., 2002), and MTs were transported in association
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with AFs to sites of induced wounding in Xenopus laevis oocytes (Mandato and Be-
ment, 2003). Whereas AFs and MTs are common to eukaryotic organisms, structural
and functional differences are evident in plant species; perhaps due to the presence
of a rigid cell wall and a large central vacuole, and also due to the absence of the
cytoskeleton-organizing centers referred to as centrosomes in animal cells and as
spindle pole bodies in yeast cells (Ehrhardt and Shaw, 2006)
Reports of AF and MT associations in plants are scarce, but are supported by
imaging of ﬁxed tissues, pharmacological studies, and the existence of common
binding partners (Collings, 2008). In ﬁxed tissues, ﬁne transverse AFs have been
observed as an ordered array, reminiscent of the transverse arrangements of MTs
(Collings and Wasteneys, 2005), and AFs and MTs have been observed to coalign
(Traas et al., 1987; Blancaﬂor, 2000; Collings and Wasteneys, 2005; Barton and Overall,
2010). MT depolymerization resulted in partial loss of the ﬁne transversely oriented
cortical AFs in Arabidopsis thaliana and carrot (Daucus carota) cells, leading to the
proposal that associations between the AFs and MTs may occur (Traas et al., 1987;
Collings and Wasteneys, 2005). In addition, environmental or developmental cues
have been documented to induce changes in MTs and AFs, hinting at coordinate
action. For example, reorientation of the MT array was concurrent with changes in
AF organization in tracheary elements of developing Zinna elegans cells (Kobayashi
et al., 1988), and disruption of the AFs impaired MT reorganization, an effect that also
was observed in azuki bean (Vigna angularis) cells (Takesue and Shibaoka, 1998).
The use of electron and confocal microscopy has allowed for a basic understand-
ing of the behavior of the individual cytoskeleton components (Traas et al., 1987;
Shaw et al., 2003; Sheahan et al., 2004; Staiger et al., 2009). Because the AFs and MTs
are highly dynamic (Shaw et al., 2003; Staiger et al., 2009), a plausible scenario is
that interactions occur only brieﬂy, which would make them challenging to capture
in static images by electron microscopy. Monitoring both components in real time
using stably transformed cells with dual-labeled reporter constructs may provide
a powerful tool for revealing coordinate behavior and elucidating the underlying
principles. Only two previous reports, one focusing on trichomes (Saedler et al., 2004)
and the other on root hairs (Timmers et al., 2007), have used dual-labeled probes for
AFs and MTs in plants, but evidence for or against heterotypic interaction remains
needed.
We have investigated coordinated AF and MT activities, using spinning disc
confocal microscopy of dual-labeled lines, coupled with pharmacological studies.
We deduce quantitatively that AFs and MTs interact dynamically, and that the AFs
depend on the MTs to recover following drug-induced depolymerization events and
for reorganization following light stimulus.
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4.3 Results
4.3.1 Stabilization of the actin cytoskeleton leads to aberrant MT
organization
Several studies have assessed MT behavior after AF disruption via pharmacological
agents such as latrunculinB (latB) and cytochalasinB (Collings, 2008). Here, we tested
whether a more stable actin conﬁguration had an impact on the organization of MTs
using the drug jasplakinolide(Bubb et al., 1994). Because jasplakinolide has not been
extensively employed in plant cell biology, we ﬁrst grew Arabidopsis seedlings on
different concentrations of the drug and assessed the impact on growth (see Figures
S4.1A to 4.1E). From these experiments, and subsequent experiments using seedlings
expressing green ﬂuorescent protein (GFP)-F-actin binding domain of ﬁmbrin1
(FABD)(Ketelaar et al., 2004), we determined that 5 μM was a suitable concentration
for short-term jasplakinolide treatments. Short-term treatment of 5-d-old seedlings
with jasplakinolide (5 μM for 3 h) revealed that actin bundles and ﬁlaments became
fragmented, rigid, and less dynamic in hypocotyl cells (Figures 4.1A and 4.1B; see
MovieS4.1 online). To investigate whether this behavior was reversible, we performed
washout experiments for a period of 48 h, and we observed that the AFs recovered
(see FigureS4.1F ). To assess the impact of this treatment on the MTs, we exposed 5-d-
old seedlings expressing mCherry-α-tubulin 5 isoform (TUA5) (Gutierrez et al., 2009)
to the same treatment conditions. Interestingly, MT orientation was less ordered after
short-term treatment of jasplakinolide compared with controls (Figures 4.1C and
4.1D). As previously observed (Paredez et al., 2006), cortical MTs in elongating cells
were transversely or obliquely oriented to the cell axis in arrays with marked parallel
ordering (Figures 4.1C and 4.1E). Treatment with jasplakinolide caused a striking
loss of array order (Figures 4.1D and 4.1E). To check whether MT dynamics were
inﬂuenced by jasplakinolide treatment, we measured the growth (vg ) and shrinkage
velocities (vs) of the plus end of single MTs. No signiﬁcant differences were found
between the jasplakinolide- and mock-treated cells (Figure 4.1F).
Because the mode of action of jasplakinolide as an actin-stabilizing drug in plant
cells was not established prior to this study, it was important to test whether the drug
cross-reacted with MTs, thereby disturbing MT organization. To test this hypothesis,
we generated Arabidopsis plants coexpressing mCherry-TUA5 and GFP-FABD. Dual-
labeled 5-d-old seedlings were treated with 1 μM latB for 6 h, and 5 μM jasplakinolide
was added for an additional 6 h. As expected, the latB treatment completely removed
the actin cytoskeleton and only free GFP-FABD was observed (see Figure S4.1G).
In the absence of AFs, the MTs in jasplakinolide-treated cells remained arranged
as observed in control-treated seedlings (see FigureS4.1G and 1H online), i.e., the
latB/jasplakinolide-treated seedlings displayed MTs with parallel orientation (see
Figure S4.1G ). Thus, the effect of jasplakinolide on cortical MT organization was
dependent on actin assembly and was not due to action of the drug on a second
target.
To assess the organization of the fragmented actin cytoskeleton relative to MTs,
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Figure 4.1: Jasplakinolide affects MT orientation through stabilization
of the actin cytoskeleton. (A) and (B) Organization of the actin cytoskele-
ton in mock-treated (A) and jasplakinolide-treated (B) hypocotyl cells
of GFP-FABD-expressing 5-d-old etiolated seedlings. (C) and (D) MT
organization in control (C) and jasplakinolide-treated (5 μM for 3 h [D])
hypocotyl cells of YFP-TUA5-expressing 5-d-old etiolated seedlings. (E)
Histogram documenting distribution of MT angles with regard to the
growth axis. (F) vg and vs were measured for the leading ends of single
MTs (± SE). Histograms are presented showing shrinkage (red), growth
(green), and pause (blue). (G) Actin fragments reside in transient coin-
cidence with cortical MTs after jasplakinolide treatment (5 μM for 6 h).
White arrowheads indicate actin fragments aligned with MTs. Scale bars,
5 μm.
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we treated 5-d-old GFP-FABD and mCherry-TUA5 dual-labeled seedlings with jas-
plakinolide. Interestingly, static AFs, which were present throughout the cortical focal
plane, appeared to align with MTs (Figure 4.1G; Movie S2). In addition, a fraction of
small actin fragments was observed to align with and move along paths deﬁned by
MTs (see Movie S2).
Together, these results suggested the possibility of crosstalk between the actin
and MT cytoskeletons in that alteration of actin assembly or turnover, as perturbed
by jasplakinolide, was correlated with loss of MT organization, and stabilized AFs
were found to align with and move along MTs.
4.3.2 Cortical AFs transiently coalign with MTs
The alignment between fragmented AFs and MTs in the jasplakinolide-treated cells
prompted us to investigate whether the two cytoskeletal structures also interact
under normal conditions. Confocal observation of dual-labeled hypocotyl cells of
3-d-old etiolated seedlings revealed numerous sites where cortical AFs and MTs were
colocalized and coaligned (Figures 4.2A to 4.2C; see Movies S3 and S4). Coalignment
between the MTs and AFs was observed mainly between transversely or obliquely
oriented AFs and MTs at the cell cortex; however, in some instances, we also observed
alignment between longitudinal cortical actin bundles and MTs. The AFs emerged
from lower focal planes or moved across the cortical optical plane, and aligned with
MTs (Figures 4.2D and 4.2E; see Movies S3 and S4). Straightening and bending events
of cortical AFs, as reported by Staiger et al. (2009), were also observed to coalign with
MTs in some cases (Figure 4.2E; see Movie S4).
Some degree of colocalization and coalignment of the two labeled cytoskeletal
structures would be expected by chance alone if the two systems were independent.
We analyzed the dynamics of coalignment to determine if it was non-random. We
observed that sections of dynamic AFs that aligned with MTs were frequently sta-
bilized in this conﬁguration over short periods of time (Figures 4.2D and 4.2E). We
refer to these stabilized AF conﬁgurations as AF pauses. We surveyed AF pausing
that occurred for 30 s or longer using linear transects and kymograph analysis along
the entire cell length and we found that the majority of AF pauses coincided with
MTs. Of the 114 pause events observed in four cells, 78 (or 68.4%) coincided with
MTs (Figures 4.2F and 4.2G), which is signiﬁcantly higher than the 53 events expected
by chance based on MT signal coverage in the images (P < 0.001, binomial test, see
materials and methods). The majority of the non-pausing AFs in the kymograph did
not align with the MTs. Hence, changes in AF dynamics were associated with MT
juxtaposition.
4.3.3 Coordinated changes to AFs and MT organization upon light
induction
We observed that 35% of the AF pausing events (see Figure 4.2) occurred during the
ﬁrst 50 s of imaging (Figure 4.3A; see Figure S4.2A). The other pausing events were
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Figure 4.2: Coalignment between cortical AFs and MTs in Arabidopsis
hypocotyl cells. (A) to (C) Dual-labeled GFP-FABD (A) and mCherry-
TUA5 (B), and merge of A and B (C), observed in hypocotyl cells of
3-d-old etiolated seedlings. Carets enclose regions of co-occurrence
of the two channels. (D) Selected frames from a time series of a GFP-
FABD and mCherry-TUA5 dual-labeled line. Red arrowheads indicate
regions where AFs appear static after MT alignment. White arrowhead
indicates that AFs emerge from a lower focal plane, and yellow carets
enclose the region of MT and AF coalignment. The far right panel shows
a kymograph corresponding to the dashed white line, with time on the
vertical axis.
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Figure 4.2: (E) AF bending and straightening events facilitate alignment
between AFs and MTs. Yellow arrowheads indicate the region of the
AF that exhibits bending, and yellow carets enclose the region of the
coaligned MT and AF. The far right panel shows a kymograph corre-
sponding to the white dashed line, with time on the vertical axis. (F)
Kymograph covering the entire cell length showing multiple static AF
events (green enclosure) that coincided with MTs (red enclosure). Only
AFs that were static for more than 30 s were considered. (G) A ﬂuores-
cence intensity plot of a transect of the kymograph shown in (F [white
dashed line]). a.u., arbitrary units. Scale bars, 5 μm.
observed during the remaining 10 min of imaging. Thus, observation of pausing was
signiﬁcantly biased to the beginning of the observation interval, indicating that the
act of observation may inﬂuence the frequency of pausing. This was reminiscent
of previous observations that transversely oriented MTs in etiolated hypocotyl cells
rearrange in response to light during observation (Ueda and Matsuyama, 2000; Pare-
dez et al., 2006). However, comparable analyses for light-induced changes in AFs are
lacking. Consistent with previous studies, we conﬁrmed that MTs rearranged from a
largely transverse orientation to a more oblique array under our imaging conditions
(Figures 4.3B and 4.3C). We then observed the organization and behavior of the AFs
and MTs in 3-d-old dual-labeled dark-grown hypocotyls (Figure 4.3C; see Movie S5).
Intriguingly, time-series images revealed that the cortical and mainly transversely
oriented AFs became progressively less prevalent during imaging (Figures 4.3C and
4.3D). The altered behavior of AF distribution at the cell cortex occurred in tandem
with the light-induced rearrangement of the MT array (Figures 4.3B and 4.3D). To
investigate whether the changes in behavior of AFs were inﬂuenced by the MT cy-
toskeleton, we treated seedlings expressing mCherry-TUA5 with 20 μM oryzalin (an
MT-depolymerizing drug) overnight to ensure complete depletion of MTs (see Figure
S4.2B). The spatial distribution of the AF signal remained nearly constant throughout
the imaging process in the absence of the MT cytoskeleton (see Figures S4.2C and
S4.2D). These results indicate that the organization of MTs may, directly or indirectly,
inﬂuence the distribution of AFs at the cortex.
4.3.4 AFs Recover along MTs following washout of LatB
To investigate further the dynamic interactions between AFs and MTs, we assessed
reassembly behavior of both structures after depolymerization. We treated 3-d-old
dual-labeled GFP-FABD and mCherry-TUA5 seedlings with latB overnight, and then
allowed for actin recovery after washout of the drug. The overnight latB treatment
resulted in complete removal of the labeled actin cytoskeleton in hypocotyl cells.
At about 3 h after latB washout, short fragments of actin label began to appear at
the cell cortex (Figure 4.4A, Figure 5.4A; Movie S6). These nascent foci of actin label
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Figure 4.3: Light-induced rearrangements of the cytoskeleton. (A) His-
togram showing actin-MT interaction over time (n = 4 cells). (B) Changes
in average MT angle over time during the process of imaging (n = 3 cells).
Error bars represent SE. (C) Selected frames from a time series of a GFP-
FABD and mCherry-TUA5 dual-labeled line at the hypocotyl cell cortex
in etiolated 3-d-old seedlings after light exposure. (D) Changes in rel-
ative ﬂuorescence intensity of AFs over time (n = 3 cells). Error bars
represent SE. a.u., arbitrary units. Scale bars, 5 μm.
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appeared in linear arrays that coincided with MTs in image overlays and line scan
analyses (Figures 4.4A and 4.4B; Movie S6). These observations indicate that new
actin polymerization can be initiated at positions coinciding with cortical MTs.
The labeled AFs increased in size during recovery from an average of 0.85 ± 0.30
μm (3 h after latB washout) to 2.15 ± 0.75 μm and 4.18 μ 2.03 μm, after 5 and 8 h
of recovery, respectively (n = 100, three cells from three seedlings). Intriguingly, 5 h
after latB washout, reformed AF fragments were observed traveling along cortical
MTs with varying velocities, i.e., 7.4 to 17.3 μm/min (n = 37; Figure 4.4C; see Movie
S7). From time series taken from three cells, we observed 12 incidences of reformed
actin fragments that migrated together with dynamic MT plus ends (Figures 4.4C to
4.4E; see Movie S8). It is important to note that the actin cytoskeleton had almost
completely recovered 24 h after latB washout, indicating that the pharmacological
effects were reversible (Figure 4.5B; see Movie S9). Together, these results corroborate
interaction and coalignment between AFs and MTs in vivo.
The observed re-emergence of AFs alongMTs suggests that AF polymerization can
occur at MT sites in Arabidopsis cells. We investigated time series images of mCherry-
TUA5 and GFP-FABD dual-labeled lines, and observed instances of polymerization of
new AFs emanating from existing actin bundles that were colocalized with MTs (see
Figure S4.2E and Movie S10). However, reliable quantitative analysis of such events
was not possible due to the highly crowded and dynamic nature of the cytoskeleton
arrays under steady state conditions.
4.3.5 Mutual dependence of the actin and MT cytoskeleton assayed
by recovery after depolymerization
The experiments above present evidence for actin regeneration along MTs. To test
if the MTs are needed for AF recovery, we depolymerized both cytoskeleton com-
ponents by treating them with latB and oryzalin overnight. We then washed out
latB, but maintained the oryzalin treatment. After 6 h of recovery in the presence
of oryzalin, only diffuse GFP-FABD signal and sparse punctae of actin label were
observed. These fragments were neither ﬁxed in position like the nascent punctae
in cells with intact MTs, nor did they show rapid long range movement consistent
with cytosolic streaming; rather, they displayed limited and erratic movement (Figure
4.5C; see Movie S11) consistent with Brownian motion. After 20 h of recovery, most
cells showed a similar punctate pattern of actin foci as observed after 6 h. However,
we also observed single straight actin rods, or bundles, which were stationary over the
time of observation (Figure 4.5D; see Movie S12). Thus, recovery of actin structures
labeled by GFP-FABD was sensitive to oryzalin treatment, suggesting that MTs or an
MT-dependent cell function is required for reassembly of the actin cytoskeleton after
depolymerization.
To investigate the inﬂuence of AFs on MT recovery, we also performed oryzalin
washout experiments in the absence or presence of the actin cytoskeleton. In the
absence of latB, MTs began to recover 5 h after oryzalin washout (Figure 4.5E; see
Movie S13), and treadmilling MTs were present throughout the cell cortex after 20 h
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Figure 4.4: Recovery of the actin cytoskeleton following latB treatment
and washout requires MTs. (A) Newly formed AFs coincide with MTs 3 h
after latB washout. (B) Fluorescence intensity plot of the GFP-FABD and
mCherry-TUA5 signals across a transect of an elongating hypocotyl cell
(cyan line shown in [A]). a.u., arbitrary units. (C) Selected frames from a
time series of a GFP-FABD and mCherry-TUA5 dual-labeled line at the
hypocotyl cell cortex in etiolated 3-d-old seedlings 5 h after latB washout.
White arrowheads indicate the movement of small AF fragments along
MTs. Scale bar, 5 μm. (D) Selected frames from a time series of a GFP-
FABD and mCherry-TUA5 dual-labeled line at the cell cortex 5 h after
latB washout. Yellow carets enclose small actin structures that move
along the MT plus end (yellow vertical line). Bottom panel, ﬂuorescence
intensity plot of the GFP-FABD and mCherry-TUA5 signals along the
cyan line in top panel. (E) Kymograph of the cyan line in image (D). Scale
bars, 1 μm.
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Figure 4.5: Mutual dependence of the actin and MT cytoskeleton as-
sayed by recovery after depolymerization. (A) and (B) One μM latB
treatment of GFP-FABD and mCherry-TUA5 dual labeled etiolated 3-d-
old seedlings for 16 h followed by washout of latB and recovery of the
actin cytoskeleton for 6 h (A) and 20 h (B). (C) and (D) One μM latB
and 20 ?M oryzalin treatment for 16 h followed by washout of latB and
recovery of the actin cytoskeleton for 5 h (C) and 20 h (D). (E) and (F)
Oryzalin treatment of GFP-FABD and mCherry-TUA5 dual labeled lines
for 16 h followed by washout of oryzalin and recovery of MTs for 5 h (E)
and 20 h (F). (G) and (H) LatB and oryzalin treatment for 16 h followed
by washout of oryzalin and recovery of MTs for 5 h (G) and 20 h (H).
Scale bars, 5 μm.
80 4. Associations between the actin and microtubule cytoskeleton
(Figure 4.5F; Movie S14). However, in cells pretreated with latB, only small punctae
of MT label were visible 6 h after oryzalin washout (Figure 4.5G; see Movie S15). In
addition, apart from the punctate patterns of ﬂuorescence, the majority of the cells
lacked conspicuous MT polymers 20 h after washout in the absence of the actin
cytoskeleton (Figure 4.5H; see Movie S16).
It is important to note that cells treated overnight with both cytoskeleton in-
hibitors for up to 16 h could recover 48 h after transfer to media without the drugs
(see Figure S4.3A and Movie S17). Although similar recovery analysis of seedlings
in long-term treatments (20 h with an additional 16-h treatment) did not recover,
seedlings that underwent 6-h treatments with either one of the inhibitors after the
overnight treatment with both inhibitors were able to recover (see Figures S4.3B and
S4.3C, and Movies S18 and S19). Taken together, these observations indicate that MT
and AF recovery following inhibitor treatments depends on the presence or function
of the other cytoskeleton component.
4.4 Discussion
Dynamic interactions between AFs and MTs have been reported in animal systems
(Goode et al., 2000). In plants, proximity of AFs and MTs has been observed only in
ﬁxed tissues(Traas et al., 1987; Blancaﬂor, 2000; Collings and Wasteneys, 2005; Barton
and Overall, 2010). We present evidence based on live-cell imaging that cortical AFs
and MTs interact and that cortical MT or MT function is required for re-establishing
the cortical actin cytoskeleton after disassembly. Previous studies speculated that
MTs could inﬂuence the orientation of newly formed AFs (Hussey et al., 1998), an
idea consistent with our observations that emerging actin fragments coincided with,
and traveled along, MTs during reassembly.
Several studies have shown that perturbations of one cytoskeletal component
can change the organization of the other (for review, see Collings, 2008). For ex-
ample, disruption of the AF array using cytochalasinD affected MT organization in
developing Zinnia elegans tracheary cells (Kobayashi et al., 1988). Jasplakinolide has
previously been reported to cause delayed self-incompatibility-induced MT depoly-
merization in pollen tubes of Papaver rhoeas (Poulter et al., 2008). Our observations
show that jasplakinolide induced changes in F-actin assembly and turnover, and
affected the orientation and parallel ordering of MTs in etiolated hypocotyl cells.
Whereas the mechanism of jasplakinolide action on MT organization is not known,
one possible class of mechanism is steric interference by stabilized AFs, which could
inhibit MT-MT interactions (Dixit and Cyr, 2004; Ehrhardt and Shaw, 2006), MT
membrane attachment (Ehrhardt and Shaw, 2006; Ambrose and Wasteneys, 2008),
or recruitment and function of MT-associated nucleation complexes (Murata et al.,
2005; Nakamura et al., 2010).
To study these interactions further, we made use of a physiologically driven
change in cytoskeletal organization (Ueda and Matsuyama, 2000; Chan et al., 2007).
In agreement with previous studies (Paredez et al., 2006), we observed that the
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transverse MT organization gradually changes to a longitudinal organization upon
light exposure and resulted in a reduction of coalignment between AFs and MTs.
These changes were accompanied by a decrease in cortical AF density. Thus, in
addition to the light-induced MT reorganization showed previously (Paredez et al.,
2006; Chan et al., 2007), we showed that the actin cytoskeleton was also affected.
Whereas reorientation of cortical MTs has been shown to drive reorientation of
cellulose synthase trajectories (Chan et al., 2010), it remains to be determined what
functions associated with cell growth might be altered by the observed changes in
actin distribution.
The light-induced changes in actin distribution appeared to be dependent on the
presence of an intact MT cytoskeleton. Whereas this could signify a direct relation-
ship between the two cytoskeletal arrays, it is important to note that removal of the
MTs also affects cell growth (see Figure S4.1D; Baskin et al., 1994). Therefore, it is dif-
ﬁcult to deduce whether the MTs orchestrate the changes of the AF array directly, or
whether these changes are due to alterations in growth. In plant cells, the photorecep-
tor proteins cryptochrome (Chaves et al., 2011) and/or phototropin (Christie, 2007)
are involved in blue light-induced inhibition of hypocotyl cell elongation, and could
be involved in triggering the orchestrated changes of the cytoskeleton components.
The proteins that communicate light perception from plant cell photoreceptors to
MT rearrangements have yet to be identiﬁed, but studies of chloroplast movements
in Arabidopsis have revealed targets of blue light photoreceptors associated with
the actin cytoskeleton, including THRUMIN1, a protein that mediates movement of
chloroplasts via changes in actin bundling in response to blue light (Whippo et al.,
2011), and KAC1/2, newly discovered kinesins that may interact with AFs rather than
MTs (Suetsugu et al., 2010). Identiﬁcation of additional proteins that are involved in
transduction of light signals to the cytoskeleton is required for understanding how
signaling to both cytoskeletons may be coordinated.
Pharmacological studies have increased our understanding of interactions and
crosstalk between the two cytoskeleton components (Collings, 2008). AF recovery
aftermicroinjection of a pollen-speciﬁc actin depolymerization factor inTradescantia
blossfeldiana stamen hairs showed that AFs reappeared as transverse arrays, similar
to the orientation of MT arrays rather than the longitudinal AF arrays found in
untreated cells (Hussey et al., 1998). Similarly, injection of an antiserum against an
actin bundling protein resulted in the dispersal of thick actin bundles into ﬁne AFs at
the same cortical plane as the MTs in root hair cells of Hydrocharis bubia (Tominaga
et al., 2000). The authors speculated that MTs could inﬂuence the orientation of
newly formed AFs. Our observations of AFs after latBwashout provide direct evidence
of AF polymerization along cortical MTs and indicate that cortical MTs may play a
role in positioning actin nucleation.
Supporting the possibility that cortical MTs may position actin nucleation, Deeks
et al. (2010) reported that the Arabidopsis FORMIN4 colocalized with MTs and could
interact with the actin and MT cytoskeleton through a MT binding domain. Similarly,
another formin, Arabidopsis FORMIN14, was found to interact with MTs and AFs
during the process of cell division (Li et al., 2010). Such proteins could position actin
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nucleation at MTs. Some MT plus end tracking proteins associate with formins in
yeast and animals (Wen et al., 2004; Martin and Chang, 2005), and MT plus ends have
also been shown to play a role in deploying regulatory factors for actin nucleation
in ﬁssion yeast and animal tissue culture cells (reviewed in Basu and Chang, 2007).
It remains to be determined if plus end tracking proteins also interact with formins
or other actin nucleation factors in plant cells. Whereas new actin growth is easily
observed following latB washout, it has proved challenging to quantify locations
of new AF growth under normal conditions of cell growth, in large part due to the
density and dynamics of the cortical actin cytoskeleton. It is anticipated that future
studies in which actin nucleating proteins can be observed in concert with labeled
AF will help to address these challenges, much as observation of MT nucleation
complexes has improved analysis of MT nucleation (Nakamura et al., 2010).
One of the more intriguing observations in this study is the movement of actin
fragments along cortical MTs in jasplakinolide-treated cells and during recovery from
latB treatment. Kinesin motors, such as the cotton (Gossypium hirsutum) kinesins
KCH1 and KCH2, have been described that localize to MTs and to ﬁne AFs, possibly
through the presence of a unique calponin homology domain (Preuss et al., 2004a;
Xu et al., 2009). Perhaps a similar mechanism is acting during the transport of the
newly formed AFs along the MTs observed in our study.
AF recovery after latB washout revealed actin fragments colocalizing with MTs,
indicating that MTs could serve as a scaffold for actin nucleation. The mechanism
by which MT recovery is dependent on the actin cytoskeleton is less clear. AFs,
along with actin binding proteins, may be required for the early stages of cortical MT
array establishments. On the other hand, and unlike the AF recovery experiments,
the recovery of MTs after oryzalin washout did not reveal any physical association
between AFs and MTs. Further, live cell imaging studies of MT nucleation complexes
did not reveal any changes in cortical association of the complexes, or any difference
in MT nucleation dynamics, after AF depolymerization (Nakamura et al., 2010).
Whereas this does not rule out a direct interaction between the AFs and re-emerging
MTs after the oryzalin washout, it may suggest that other mechanisms are responsible
for our observation. One plausible explanation is that the washout of oryzalin may
be dependent on actin-based cytoplasmic streaming. Washout of oryzalin, which
has a high afﬁnity for free tubulin dimers(Strachan and Hess, 1983; Morejohn et al.,
1987), is heavily dependent on the rate of transport of already internalized oryzalin
molecules from the cytoplasm to sites at the plasma membrane to exit the cell. The
presence of a cuticle could further act as a barrier and reduce efﬂux of oryzalin from
hypocotyl cells. Therefore, the depolymerization of AFs could drastically decrease
the speed at which oryzalin molecules are being removed from the cytosol.
n summary, we show that cortical AFs and MTs interact at the cortical focal plane
of plant cells, and that these interactions are altered during coordinated array reorga-
nization. Reassembly experiments suggest dependence of the AF cytoskeleton on the
MT cytoskeleton for nucleation of the AFs, which may be facilitated by formins and
other factors perhaps analogous to those involved in MT-associated actin nucleation
in yeast and animal cells.
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4.5 Materials and methods
4.5.1 Plant materials, growth conditions and genetic analysis
Arabidopsis thaliana Columbia seedlings were surface sterilized, stratiﬁed for 3 d,
and grown vertically on plates containing Murashige and Skoog media (1x Murashige
and Skoog salts, 8 g L−1 agar, 1x B5 vitamins, and 10.8 g L−1 sugar) in light (16-
h photoperiod) or dark conditions at 21 ◦C for 5 d for light microscopy, and 3 d
for confocal microscopy. The FABD-GFP and mCherry:TUA5 constructs were as
described in Ketelaar et al. (2004) and Gutierrez et al. (2009), respectively.
4.5.2 Drug treatments
Seedlings were immersed in 2 mL of solution with drugs or control solution in 12-well
cell culture plates in the dark and were subsequently imaged. Stock solutions of
LatB and oryzalin were dissolved in methanol or in DMSO, respectively, and working
stocks were made fresh by further dilution in water. For drug washout and recovery
experiments, the seedlings were washed in water three times, after which they were
transferred to a fresh solution for recovery.
4.5.3 Specimen mounting
The seedlings were mounted between a cover glass and a 1-mm thick 1% agar pad
afﬁxed on a circular cover slip, thus stabilizing the sample and preventing it from
compression and mechanical damage.
4.5.4 Microscopy
Light microscopy was performed using a Leica Stereomicroscope (Leica MZ12.5
and Leica DFC420 digital camera). Seedlings expressing GFP-FABD, mCherry-TUA5,
and dual-labeled lines of GFP-FABD and mCherry-TUA5 were imaged on a confocal
microscope equipped with a CSU-X1 Yokogawa spinning disc head ﬁtted to a Nikon
Ti-E inverted microscope, a CFI APO TIRF x100 N.A. 1.49 oil immersion objective, an
evolve charge-coupled device camera (Photometrics Technology), and a x1.2 lens
between the spinning disc and camera. GFP was excited at 491 nm and mCherry at
561 nm using a multichannel dichroic and an ET525/50M or an ET595/50M band
pass emission ﬁlter (Chroma Technology) for GFP and mCherry, respectively. Image
acquisitions were performed using Metamorph online premier, version 7.5. Typical
exposure times were 600 ms for GFP and 300 ms for mCherry.
4.5.5 General image processing and analysis
All images were processed using ImageJ software (Rasband, W.S., National Institutes
of Health). Background correction was performed using ‘Subtract Background’ tool
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(rolling ball radius 30-40 pixels),and StackReg (Thevenaz et al., 1998) was used to
correct focus drift. Linear adjustments in pixel values were made when measuring
signal intensities.
4.5.6 Rates of cortical MT dynamics
vg and vs were measured for the leading ends of single MTs derived from hypocotyls
of etiolated seedlings expressing mCherry-TUA5 and treated with jasplakinolide (5
μM for 3 h), or with a mock control. Data were derived from three independent
seedlings for control and treated lines, and the number of ends measured for control
cells was n = 51 (vs) and 76 (vg ), and for jasplakinolide-treated seedlings was n = 43
(vs) and 71 (vg ). The Multiple Kymograph plug-in in ImageJ (National Institutes of
Health) using a line width of 3 was used to calculate MT velocities in micrometers per
minute. Histograms and statistical comparisons were collated in GraphPad Prism-5
and were presented as shrinkage (red), growth (green), and pause (blue).
4.5.7 Colocalization analysis of AFs and MTs
Three random kymographs that stretched the entire length of the cell were generated
(n = 4 cells). The kymograph (line width 3) generated from the actin channel was ﬁrst
analyzed, and only AF pauses (i.e., AFs appeared static) that occurred for more than
30 s were considered for further analyses. The AF pauses were subsequently mapped
over the kymograph from the MT channel to determine colocalization. MT coverage
was estimated by using a binary image of the MT channel, which was thresholded,
and mean pixel intensity was measured using ImageJ (MTs occupied 47% of the area).
Statistical estimates of whether the observed colocalization occurred by chance were
calculated using a binomial test.
4.5.8 MT angles and ﬂuorescence intensity of AFs
Three cells each from different seedlings where used for the analysis in all cases.
Every 25th image of the time series was taken from a total of 600 images for the
analysis. MT angles were measured with regard to the growth axis and always in a
clockwise direction, using the angle tool in ImageJ. AFs were manually thresholded
with ImageJ to avoid detection of free GFP-FABD, and histograms were generated to
determine the total number of pixels occupied by the thresholded regions, which
was then taken as the value for total ﬂuorescence intensity.
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Figure S4.1: Effect of cytoskeleton inhibitors on seedling growth and
morphology. (A) Five-day-old seedlings grown on media supplemented
with different inhibitors (as indicated). Scale bar, 2 mm. (B to E) Roots
of seedlings in (A). Inserts show enlargements of epidermal cells in
the root elongation zone. Scale bar, 200 μm. (F) Recovery of AFs 48
h after jasplakinolide washout. (G and H) Average Z projection of 5
images of 0.1 μm slice thickness of ﬁve-day-old etiolated GFP-FABD-
and mCherry-TUA5-expressing seedlings treated with 1 μM LatB (24
h), and subsequently with 5 μM jasplakinolide [six h; LatB treatment
was maintained during the jasplakinolide treatment (G), or treated with
control media (H)]. Scale bars, 5 μm.
86 4. Associations between the actin and microtubule cytoskeleton
1s
51s
101s
151s
201s
251s
300s
GFP - FABD
mCherry - TUA5
GFP - FABD mCherry -TUA5
A
B C
mCherry - TUA5
20μM oryzalin 12h
Actin distribution in the 
absence of microtubule (GFP:FABD)
0min 20min10min
D
0.4 
0.6 
0.8 
1 
0 
10
0 
20
0 
30
0 
40
0 
50
0 
60
0 
70
0 
80
0 
90
0 
10
00
 
11
00
 
12
00
 
R
e
la
ti
v
e
 f
lu
o
re
s
c
e
n
c
e
 o
f 
A
c
ti
n
 
fi
la
m
e
n
ts
 (
a
.u
.)
 
Time (sec) 
Actin filament distribution in the absence of 
microtubules 
^
^
^
^
^
^
^
^
^
^
^
^
^
^
^
^
mCherry-TUA5
GFP-FABD
Merge
E
Figure S4.2: Light-induced changes to AF - MT co-alignment, and AF
polymerization at sites of MTs. (A) Example of a complete series of
kymographs represented in (Figure. 4.3A). (B) Treatment of mCherry-
TUA5 with 20 μM Oryzalin results in complete removal of MTs. (C and
D) Actin distribution at the cortex remains unaffected in the absence
of MTs (n= 3 cells), Error bars represent SE. (E) Polymerization of AF
from sites co-incident with MT. Carets enclose MT co-aligning with AF,
blocked arrowheads indicate branching and polymerization of AF. Scale
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Figure S4.3: AF-MT recovery after drug-induced depolymerisation. (A)
Recovery of AFs and MTs after 16 h of 1 μM latB and 20 μM oryzalin
treatment. (B) Recovery of AFs and MTs following 16 h of 1 μM latB and
20 μM oryzalin treatment, with an additional six h of 20 μM oryzalin
treatment. (C) Recovery of AFs and MTs following 16 h of 1 μM latB
and 20 μM oryzalin treatment, with an additional six h of 1 μM latB
treatment. Scale bars, 5 μm.

Mechanism of blue light
induced microutbule
reorientation 5
5.1 Abstract
In plant cells, the organization of cortical microtubules is closely related to the growth
state of the cell. It had been observed that corticalmicrotubules in etiolated hypocotyl
cells change their orientation in response to light however the mechanism of array
reorientation and its function remained unresolved. In this study we found that the
cortical microtubule reorientation in response to blue light was dependent on PHO-
TOTROPIN signaling. We found that the spr3 and ktn1-1 mutants show signiﬁcantly
reduced cortical microtubule reorientation speed in response to blue light. The spr3
mutant shows defects in the orientation of microtubule nucleation from existing
microtubules and in thektn1-1 mutant, is a null mutant for the microtubule severing
protein KATANIN. We show PHOTOTRIPIN signaling alters the ratio of branched and
parallel nucleation. In addition, PHOTOTRIPIN signaling increases the KATANIN
severing rate. During the process of reorientation many of the newly formed micro-
tubules originate from microtubule crossovers, which we show to be likely the result
of microtubule severing events where the newly formed plus end is not in a shrinking
but a growing state. We propose a two step process for microtubule array reorienta-
tion. First, the number of branching microtubules increases, increasing the chance
of generating microtubules longitudinal to the elongation axis and perpendicular
to the existing transverse microtubules. Then, the longitudinal microtubules make
many crossovers and the increased severing rate combined fact that a proportion of
the new plus ends are in a growing state gives a large ampliﬁcation of longitudinally
oriented microtubules, ultimately leading to reorientation. We also provide evidence
blue light induced microtubule reorientation is required for photocurvature.
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5.2 Introduction
Cytoskeletal arrays based on tubulin or tubulin-like proteins are ancient biological
innovations found across all cellular life. These arrays support diverse and essential
functions such as chromosome segregation, intracellular transport, cell motility and
cell expansion, functions that depend critically on their organization. In the best
studied microtubules arrays - those with astral architecture - a centralized organizer,
such as spindle pole body in yeast or a centrosome in animals, acts to tether and
position nucleation complexes, setting up the functional architecture of these arrays
as radialized and polarized structures with central hubs. However, these astral arrays
represent just a fraction of microtubule architectural diversity. Many differentiated
animal cells and all higher plant cells create interphase microtubule arrays that are
not organized by centrosomes and which have architectures distinct from astral
arrays. Higher plants, for example, lack centrosome altogether and create interphase
arrays that lie in a plane adjacent to the plasma membrane, often with parallel
ordering that is also oriented relative to cellular and tissue coordinates. While the
mechanisms by which centrosomal arrays are created and organized are relatively
well understood, comparatively little is known regarding the mechanisms used to
organize and reorganize acentrosomal microtubule arrays in both plant and animal
cells (Bartolini and Gundersen, 2006).
5.2.1 Microtubule organization and plant cell morphogenesis
The epidermal cells of the embryonic plant axis, or hypocotyl, serve as an excellent
model for the organization and function of cortical microtubule arrays. When seeds
germinate in the dark, these cells undergo a remarkable process of anisotropic expan-
sion in which cell length increases by as much as ten times Refregier:2004ju, driving
extension of the axis without cell division, a response that serves to push the ﬁrst
leaves our of the soil and into the light to support photosynthesis. In these rapidly
elongating cells, cortical microtubule arrays show highly parallel ordering oriented
transversely to the main axis of expansion (Figure 5.1). This transverse architecture
is essential for directional cell expansion, as shown by both inhibitor and genetic
studies, acting as an internal scaffold to organize the synthesis and structure of the
external cell wall by positioning the delivery of cellulose biosynthetic complexes
to the plasma membrane and guiding their trajectories as they extrude cellulose
microﬁbrils (Green, 1962; Heath, 1974; Robinson and Preston, 1972; Giddings and
Staehelin, 1988; Paredez et al., 2006). Thus cortical array organization is a primary
determinant of the positions and ordering of cellulose. This material anisotropy in
cell wall structure is proposed to be a principal cause for the anisotropy of cell wall
growth (?). As cells grow anisotropically, changes in mechanical stress are hypothe-
sized to inﬂuence cytoskeletal organization, which further inﬂuences cell wall growth
anisotropy, creating a feedback loop that is exploited to generate tissue form.
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5.2.2 Cortical array ordering
Live cell imaging studies have revealed cortical microtubule arrays as dynamic net-
works of interacting polymers. Microtubules are initiated by dispersed γ-tubulin
ring complexes (γ-TURCs) recruited to the cell cortex, primarily along the sides of
existing microtubules (Nakamura et al., 2010), where they nucleate new polymer
growth either in parallel to the mother polymer (Chan et al., 2009; Nakamura et al.,
2010) or at an angle of approximately 40◦ to the growing end (Murata et al., 2005;
Chan et al., 2009; Nakamura et al., 2010), creating a branched geometry. The ratio of
these two modes of initiation is under genetic control, as revealed by a signiﬁcant
preference for parallel over branching nucleation in ton2, a loss of function allele
for the BÕÕ subunit of protein phosphatase 2A (Kirik et al., 2012). After initiation,
daughter polymers are often detached from their nucleation sites by a KATANIN
dependent mechanism (Nakamura et al., 2010), liberating the nucleation complex
(Nakamura et al., 2010) and freeing the daughter to migrate along the cell cortex
by a hybrid polymer treadmilling mechanism (Shaw et al., 2003). Interaction with
the cell membrane conﬁnes these treadmilling polymers to a 2 dimensional plane,
where plus end growth drives encounters with other microtubules. These encoun-
ters cause changes in polymerization behavior, including redirection of the angle of
microtubule growth, severing or catastrophe; behaviors which are hypothesized to
endow the dynamic polymer network with self organizing properties. This proposi-
tion is supported by analytic modeling (Hawkins et al., 2010; Tindemans et al., 2010)
and computer simulation studies (Allard et al., 2010a; Eren et al., 2010; Hawkins
et al., 2010; Tindemans, 2009), which provide a plausible explanation for the parallel
ordering observed in cortical arrays.
5.2.3 Cortical array orientation
It has been proposed that localized regulation of microtubule stability could act to
bias such a self ordering system to determine the orientation of the array relative to
cellular coordinates (Shaw et al., 2003; Dixit and Cyr, 2004; Wasteneys, 2002). Recent
studies of CLASP mutants are consistent with this idea. Loss of CLASP function, a
+TIP protein that also localizes along the lattice of cortical microtubules in Arabidop-
sis(Kirik et al., 2007), results in altered cortical array organization in young cells of the
root and leaf epidermis (Ambrose et al., 2011) and defective orientation of cortical
arrays in during speciﬁcation of cell lineages in the root (Dhonukshe et al., 2012).
GFP-CLASP has been observed to concentrate at the anticlinal walls and edges of
these cells, where it is proposed to promote microtubule stabilization by suppressing
polymerization catastrophe (Ambrose et al., 2011) thus to providing a positional bias
for the orientation of the cortical array as a whole. This is an appealing model to
explain cortical array orientation in these young cells, but more mature cells in the
root and leaf show normal cortical array orientation in a CLASP null, indicating that
cortical array organization is regulated by additional mechanisms that remain to be
identiﬁed.
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5.2.4 Reorientation of cortical arrays in response to light signals
Light is a powerful signal to plant growth, an observation ﬁrst formalized in the
literature by Charles Darwin. Blue light, for example, inhibits cell elongation of
dark grown seedlings and stimulates phototropism towards the light source when
presented at an angle to the axis. Phototropism is mediated in Arabidopsis by the
LOV-domain photoreceptors PHOT1 and PHOT2, which alter the distribution of the
growth promoting hormone auxin down and across the hypocotyl axis to promote
differential growth and photocurvature (Christie et al., 2011). Inhibition of growth
is signaled by both these receptors and the cryptochromes CRY1 and CRY2. PHO-
TOTROPIN mediated growth inhibition is rapid and transient, being mediated in part
by the nearly immediate activation of anion channels (Folta and Spalding, 2001) and
subsequent elevation of cytosolic calcium. By contrast, CRYPTOCHROME signaling
facilitates a much slower and sustained inhibition, being evident only after an hour
or more after stimulation.
Together with these changes in cell growth, cortical microtubules of elongating
hypocotyl cells also reorient in response to light stimulation (refs), showing a dra-
matic 90◦ reorientation from a transverse to a longitudinal orientation that can be
observed within minutes of exposure (Paredez et al., 2006). The photoreceptors
responsible have not been identiﬁed, the mechanisms driving reorientation are not
known, and the relationship between cortical array reorientation and cell growth
response has not been settled. To address these questions, we took an approach com-
bining genetic analysis, quantitative live cell imaging, computer simulation studies
and physiological experiments. Our studies indicate that microtubule reorientation
is controlled by PHOTOTROPIN signaling, and that it is facilitated by a two part
mechanism promoted by regulation of microtubule branching geometry and depen-
dent on production of new microtubules by KATANIN severing activity. Severing
occurs primarily where microtubules cross over others, linking the orientation of
new microtubules to the geometry of older microtubules, suggesting a templated
orientational mechanism. We test the plausibility of this mechanism by computer
simulation and link cortical array reorientation to the cellular growth underlying
phototropism.
5.3 Results
5.3.1 Light induction of cortical microtubule reorientation in etio-
lated hypocotyl cells
Photoreceptor proteins as phytochromes, cryptochromes and phototropins were
obvious candidates for regulating the observed microtubule reorientation. Phy-
tochromes respond to red and far-red light whereas cryptochromes and phototropins
respond to blue light. To narrow down the possibilities we stimulated Arabidopsis
dark grown etiolated hypocotyl cells expressing the microtubule marker YFP-TUA5
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with monochromatic red or blue light for 3h and assessed if microtubule reorien-
tation had occurred on the microscope. The reorientation had only taken place in
response to blue light exposure. Cryptochromes and phototropin both have two
copies in the Arabidopsis genome (CRY1/CRY2 and PHOT1/PHOT2 respectively)
(Briggs and Huala, 1999; Christie, 2007). We transformed cryptochrome and pho-
totropin double mutants, kindly provided by the Briggs Lab, with YFP-TUA5 to assess
the microtubule reorientation in these mutants.
To quantify microtubule orientation and order we developed an automated image
analysis ImageJ plugin that identiﬁes the orientation of high contrast linear objects
in images (see Materials and Methods). The plugin labels the orientation per pixel of
pixels that were above the threshold level (Movie S1). This information is then further
processed in MATLAB to extract the microtubule orientation over time.
We argued that the automated analysis of microtubules we would help to ﬁnd mu-
tants defective in the light signaling pathways as well as mutants in the downstream
targets of blue light signaling such as microtubule associated proteins. Studying
microtubule reorientation may also help to uncover new microtubule regulating
mechanisms that become more apparent during the change of one type of micro-
tubule organization to another type than in maintaining a steady state organization.
5.3.2 Microtubule reorientation is linked to blue light photoreceptors
To investigate microtubule reorientation, we made movies of 1h with a 10s time
interval to assess microtubule reorientation in the different genetic backgrounds
(Figure 5.1 a)(Movie S2). The laser power we used was chosen to yield a reliable photo
response and limited photobleaching to not affect the ability to detect microtubules.
We analyzed the microtubule reorientation in wild type, cry1 cry2 double mutant
and phot1 phot2 double mutant. The change of angular frequency distribution of
microtubule orientation in individual but representative cells in wild type and phot1
phot2 are shown in Figure 5.1 (b and c respectively). The angles are shown relative to
the hypocotyl orientation in Figure 1 (a) where 90 degrees is the hypocotyl elongation
axis. From the data presented in Figure 5.1 (b and c) we calculate the Longitudinal (L)
and Transverse (T) order parameters (see Materials and Methods) shown in Figure
5.1 (d) for wild type and in Figure 5.1 (e) for phot1 phot2. To estimate the speed
of reorientation we ﬁt the L order parameter with a quadratic ﬁt. From this ﬁt we
calculate the average increase in L until it reaches 0. Figure 5.1 (f) shows the average
increase in longitudinal order of wild type compared to cry1 cry2 and phot1 phot2.
We found a small but signiﬁcant reduction in the cry1 cry2 mutant based on the
Mann-Whitney U test and a larger reduction in the phot1 phot2 mutant. We therefore
focused on the inﬂuence of PHOT1 and PHOT2 on blue light induced microtubule
reorientation.
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Figure 5.1: Microtubule reorientation in blue light receptor mutants.
We image etiolated hypocotyl cells of Arabidopsis expressing YFP-TUA5
using blue excitation light which triggers microtubule reorientation. (a)
Images of YFP-TUA5 in etiolated hypocotyl cells over time in col-0 and
phot1 phot2 double mutant respectively. Scale bar 5 μm.
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Figure 5.1: (b and c) Angular frequency distribution over time in a single
representative cell of (b) col0 wild type and (c) col0 phot1 phot2 double
mutant. (d and e) Transverse (T) (blue dots) and longitudinal (L) (red
dots) order parameters over time with a quadratic ﬁt (black line) for a
single representative cell of (b) col0 wild type and (c) col0 phot1 phot2
double mutant. (f) Mean reorientation speed (L/min) comparing col0
wild type (18 cells) col0 cry1 cry2 double mutant (13 cells) and col0 phot1
phot2 double mutant (10 cells), asterisk indicates signiﬁcant reduction
compared to col0 wild type in Mann-Whitney U test.
5.3.3 Mutatants spr3 and ktn1-1 have severe defects in microtubule
reorientation
Microtubule nucleation is arguably the most potent mechanism to obtain micro-
tubules with new orientations at the plant cell cortex (Chapter 2). To ask if micro-
tubule nucleation is part of the microtubule reorientation mechanism we analyzed
microtubule reorientation in spr3 and ktn1-1 mutants. The distribution of direction
of microtubule nucleation is altered in the spr3 mutant, a mutant allele of the γ-TuRC
microtubule nucleation complex protein GCP2 (Nakamura and Hashimoto, 2009).
The ktn1-1 mutation has a premature stop codon in the gene for the microtubule
severing protein KATANIN (Nakamura et al., 2010) KATANIN function was shown to
be required for liberation of γ-TuRC complexes from newly created microtubules,
so that they could only be recycled after complete microtubule depolymerization
(Nakamura et al., 2010).
Figure 5.2 (a, b and c)(Movie S3) shows the cortical microtubule array over time
in etiolated hypocotyl cells of (a) ws wild type, (b) ws spr3 and (c) ws ktn1-1. Figure
5.2 (d) shows that both spr3 and ktn1-1 have a clear and signiﬁcant reduction in
cortical microtubule array reorientation speed. When we look at the angle frequency
distributions histogram of wild type (Figure 5.2e), it appears that in wild type the
transverse order goes down over time and the longitudinal order goes up, without
signiﬁcant in order in between transverse and longitudinal. The angle frequency
distributions histogram of the spr3 mutant (Figure 5.2 f) shows a transition from
transverse to longitudinal microtubule order through ordered states in between
longitudinal and transverse as is also illustrated in Figure 5.2 (b). Only 6 out of 11 cells
in the spr3 mutant background showed this type of behavior, the other 5 cells showed
no indication of reorientation at all. The angle frequency distribution histogram
of ktn1-1 shows very little sign of reorientation, although there is a small tendency
for the transverse order to decrease. None of the 14 cells we observed were able to
reorient within 1h. The T and L order parameters further illustrate the difference
between reorientation in wild type cells and spr3 and ktn1-1 mutants (Figure 5.2 h, i
and j).
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Figure 5.2: Microtubule reorientation in spr3 and ktn1-1. We image
etiolated hypocotyl cells of Arabidopsis expressing GFP-TUB6 using blue
excitation light which triggers microtubule reorientation. (a, b and c)
Images of GFP-TUB6 in etiolated hypocotyl cells over time in (a) ws wild
type (b) ws spr3 and (c) ws ktn1-1. Scale bar 5 μm. (d, e and f) Angular
frequency distribution over time in a single representative cell of (d) ws
wild type (e) ws spr3 and (f) ws ktn1-1. (g, h and i) Transverse (T) (blue
dots) and longitudinal (L) (red dots) order parameters over time with
a quadratic ﬁt (black line) for a single representative cell of (g) ws wild
type (h) ws spr3 and (i) ws ktn1-1. (j) Mean reorientation speed (L/min)
comparing ws wild type (13 cells) ws spr3 (11 cells) and ws ktn1-1mutant
(14 cells), asterisk indicates signiﬁcant reduction compared to ws wild
type in Mann-Whitney U test.
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5.3.4 A large proportion of new microtubules originate from micro-
tubule crossovers during blue light induced microtubule reori-
entation
Since we observed the decreased reorientation speed in the spr3 and ktn1-1 mutant,
we argued that nucleation behavior is most likely important for blue light stimulated
reorientation. Therefore we analyzed microtubule generation during light induced
microtubule reorientation. We imaged the microtubule reorientation in col0 wild
type plants expressing the microtubule marker mCherry-TUA5 and the microtubule
nucleation complex marker GCP2-3xGFP during 30 min with a 5s time interval. As a
visual aid for detecting new microtubules we performed a walking image subtraction
of three frames on the mCherry-TUA5 signal and selected the positive difference.
This positive difference results in ’comets’ reminiscent of ﬂuorescent labeling of plus
end binding proteins. We made these ’comets’ green and added them to the grayscale
mCherry-TUA5 images allowing us to assess the formation of new microtubules by
scoring newly appearing green comet.
We encountered two distinct classes of new microtubule initiation, where one
class was marked by the GCP2-3xGFP label and the other class not. Examples of each
are shown in Figure 5.3 (a) (movie S4) and (b)(movie S5) respectively. Of the 212 new
microtubules we detected in 7 movies, 79 were marked by a GCP2-3xGFP labeled
complex and 133 were not.
We noticed a pattern in the new microtubules that were not marked by GCP2-
3xGFP, namely that they almost exclusively originated from microtubule crossover
sites. An example is shown in Figure 3 (d, e and f). The arrow with a dashed line
indicates the location of the kymograph line (Figure 5.3 d) shown in Figure 53 (e)
and shown with a heat lookup table in Figure 3 (f). The blue arrowhead indicates the
position of microtubule initiation in (d, e and f). Because the ﬂuorescence intensity
increases after the crossover compared to before the crossover, we conclude that this
was indeed an event where a new microtubule was created and not a rescue event
within a microtubule bundle.
We noticed a pattern in the new microtubules that were not marked by GCP2-
3xGFP, namely that they almost exclusively originated from microtubule crossover
sites. An example is shown in Figure 5.3 (d, e and f). The arrow with a dashed line
indicates the location of the kymograph line (Figure 5.3 d) shown in Figure 5.3 (e) and
shown with a heat lookup table in Figure 5.3 (f). The blue arrowhead indicates the
position of microtubule initiation in (d, e and f). Because the ﬂuorescence intensity
increases after the crossover compared to before the crossover, we conclude that this
was indeed an event where a new microtubule was created and not a rescue event
within a microtubule bundle.
We found that the proportion of microtubules originating from crossovers was
signiﬁcantly higher for the new microtubules that were not marked by GCP2-3xGFP
compared to the ones that were (p « 0.001, binomial test). In fact, almost none of
the new microtubules that were marked by GCP2-3xGFP originated from crossovers,
whereas almost all of the new microtubules that were not marked by GCP2-3xGFP
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Figure 5.3: Generation of new microtubules during light induced micro-
tubule reorientation (a) Example of a new microtubule being generated
from a GCP-3xGFP labeled complex. The top panels show the mCherry-
TUA5 in grayscale and the growing microtubule ends are shown in green
and are generated from the positive difference using a walking image
subtraction. Arrowhead shows the point of origin of the new micro-
tubule. (b) Example of a new microtubule being generated at a micro-
tubule crossover, without a GCP-3xGFP labeled complex. Arrowhead
shows the point of origin of the new microtubule. (c) Fraction of new
microtubules marked by a GCP-3xGFP labeled complex at microtubule
crossovers and not at crossovers.
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Figure 5.3: (d, e and f) Characterization of a new microtubule generated
at a microtubule crossover. The arrow with a dashed line (d) indicates
the location of the kymograph line shown in (e) and shown with a heat
lookup table in (f). The blue arrowhead indicates the position of micro-
tubule initiation in (d, e and f). (g and h) Polar histograms of orientation
of new microtubules to the cell axis, where the elongation axis is at 90
degrees. Orientational distribution of new microtubules marked by a
GCP-3xGFP labeled complex in (g) and not marked by a GCP-3xGFP
labeled complex in (h). (i and j) Histogram of angle between mother mi-
crotubule and new microtubule in (i) and not marked by a GCP-3xGFP
labeled complex in (j).(k and l) Histogram of time of microtubule initi-
ation over time after the start of the blue light induction in (k) and not
marked by a GCP-3xGFP labeled complex in (l). All data in this ﬁgure
were collected from 7 cells of col0 wild type plants expressing mCherry-
TUA5 and GCP-3xGFP. Of the 212 new microtubules analyzed, 79 were
marked by a GCP-3xGFP labeled complex and 133 were not. Scale bars,
5 μm
originated from microtubule crossovers (Figure 5.3 c).
The orientations of the newly created microtubules with respect to the cell axis
are shown in Figure 5.3 (g and h). The new microtubules marked by GCP2-3xGFP
show that most of those nucleations give rise to microtubules diagonal to the elon-
gation axis (Figure 5.3 g), whereas the new microtubules that were not marked by
GCP2-3xGFP are mostly longitudinal. Histograms of the angle of the new micro-
tubules with respect to the microtubule they originate from are shown in Figure
5.3 (i and j). The new microtubules marked by GCP2-3xGFP mostly have an angle
of 40 degrees with the microtubule they originate from (Figure 5.3 i) and most of
the new microtubules that were not marked by GCP2-3xGFP are generated at high
angles with the microtubules they originate from. We found in the blue light response
that over time the number of new microtubules marked by GCP2-3xGFP is relatively
high at ﬁrst but quickly decreases (Figure 5.3 k). The number of new microtubules
not marked by GCP2-3xGFP increases until 15 minutes after the start of blue light
exposure and then decreases to a relatively low level at 30 minutes (Figure 3 l).
5.3.5 KATANIN localizes to microtubule initiations at crossovers
It has been shown previously that microtubules are severed preferentially at micro-
tubule crossovers (Wightman and Turner, 2008), but where the microtubule severing
protein KATANIN localizes to in plant cells has not been shown. In Figure 5.4 (a, b
and c) we show that in Arabidopsis and we found that KTN localizes preferentially
to microtubule crossovers. Figure 5.4 (a)(Movie S6) shows an example of a severing
event at a microtubule crossover. GFP-KTN localizes to the crossover and the label
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disappears shortly after the newly created plus end starts shrinking. In Figure 5.4
(b) (Movie S7) we show a microtubule initiation at a crossover. The GFP-KTN signal
localizes to the crossover before we observe the growth starting from the crossover.
In Figure 5.4 (c) (Movie S8) we show several new growing microtubules originate
from a single crossover location within 80 s, where in each case GFP-KTN localizes
to the crossover in the moments leading up to the initiation. Figure 5.4 (d) (Movie
S9) we show again several microtubules initiate at a single crossover location and
that the GCP2-3xGFP is absent from this crossover. In mCherry-TUA5 and GFP-TUA5
double labeled plants we never observed microtubule severing at a crossover that
resulted in a depolymerizing new plus end without the GFP-KTN label being present
at the microtubule crossover. The GFP-KTN signal was also present in all cases in
which we observed a microtubule initiating at a crossover. In the ktn1-1 mutant, we
never observed microtubule severing resulting in a depolymerizing new plus end. We
also never observed microtubule initiation at microtubule crossovers in the ktn1-1
mutant. Taken together this information suggests that KATANIN severs microtubules
at crossovers and that the newly created microtubule plus end can either obtain a
shrinking or a growing state at the crossover.
5.3.6 The PHOT1/PHOT2pathway increases the likelihood of branched
nucleation
Because the phot1 phot2 mutant had reduced reorientation speed, we analyzed
microtubule initiation and we quantiﬁed the outcomes of microtubule crossovers
in phot1 phot2 and wild type in order to assess whether microtubule nucleation
and microtubule severing is regulated by PHOT1/PHOT2. We assessed microtubule
initiation in wild type and phot1 phot2 etiolated hypocotyl cells during light induced
microtubule reorientation. We made movies of 30 min with a 5s time interval, with
the same approach as for the data presented in Figure 5.3. We made the distinction
between two types of new microtubule initiation, those at microtubule crossovers
and those that are not at microtubule crossovers.
When we compared the distribution of angles between the new microtubule and
the mother microtubule (Figure 5.5 a, b and c) in wild type (Figure 5.5 a) and phot1
phot2 (Figure 5.5 b) cells, we observed that the proportion of microtubules in the
same orientation as the microtubules they originate from is higher in the phot1 phot2
mutant (Figure 5 a). We found that the increase in this proportion was signiﬁcant (p «
0.001, binomial test).
We found that the ratio between new microtubules initiating from microtubule
crossovers and not initiating from crossovers between wild type and phot1 phot2, we
found that the fraction of new microtubules created from crossovers was signiﬁcantly
lower in the phot1 phot2 mutant (p « 0.001, binomial test) (Figure 5.5 g). In wild
type the majority of new microtubules originate from microtubule crossovers during
reorientation, whereas in phot1 phot2 the majority of new microtubules does not
originate from microtubule crossovers.
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Figure 5.4: Characterization of microtubule initiation at crossovers. (a)
Microtubule crossover where a microtubule severing event that results
in a depolymerizing newmicrotubule plus end. The arrowheads indicate
the position of the microtubule crossover. The GFP-KTN signal localizes
to the crossover. The dashed blue line at 20s in the mCherry-TUA5
panel indicates the line used to make the kymographs in the panels
below. The kymographs show that the GFP-KTN signal increases after
the crossover occurs and disappears shortly after shrinkage of the newly
formed plus end. (b) Microtubule crossover where a severing event
results in a growing new plus end. The arrowheads indicate the position
of the microtubule crossover. The dashed blue line at 20s in the mCherry-
TUA5 panel indicates the line used tomake the kymographs in the panels
below. The kymographs for mCherry-TUA5 in grayscale and heatmap
show that the new microtubule grows from the crossover and the GFP-
KTN label in the kymographs colocalizes to the point where the new
microtubule starts growing. (c) Image sequence where several new
plus ends start growing from the same microtubule crossover point in
colocalization with GFP-KTN signal. (d) Image sequence where several
new plus ends start growing from the same microtubule crossover point.
The GCP2-3xGFP label is absent from this microtubule crossover site.
Scale bars, 5 μm.
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Figure 5.5: Differences between wild type and phot1 phot2 mutant in
microtubule nucleation and severing (a) Fraction of microtubules new
microtubules - that do not originate from crossovers - that are initiated
in the same orientation as the mother microtubule in col0 wild type
vs. branched initiation and phot1 phot2. (b and c) Histogram of angle
between mother microtubule and new microtubule not originating from
microtubule crossovers in (b) col0 wild type and (c) the col0 phot1 phot2
double mutant. (d) Fraction of microtubule crossovers resulting in sev-
ering, asterisks indicates signiﬁcant reduction of microtubule severing
in phot1 phot2 compared to wild type.
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Figure 5.5: (e and f) Normalized histograms of time after a microtubule
crossover is created until severing takes place in (e) wild type (522 sev-
ering events, 5 cells) and (f) phot1 phot2 double mutant (220 severing
events, 5 cells). (g) Fraction of microtubules generated at microtubule
crossovers and microtubules not generated at crossovers in col0 wild
type and col0 phot1 phot2. All data in (a, b, c and g) were collected from
5 cells of both col0 wild type and the col0 phot1 phot2 double mutant.
In col0 wild type we found in total 243 newly generated microtubules
of which 129 formed at microtubule crossovers and 104 did not. In col0
phot1 phot2 we found in total 313 newly generated microtubules of
which 94 formed at microtubule crossovers and 219 did not. The data (d,
e and f) was analyzed from 1115 crossovers, in 5 cells wild type col0 and
616 crossovers, 5 cells in col0 phot1 phot2.
5.3.7 The PHOT1/PHOT2 pathway increases the severing chance at
microtubule crossovers
We found that in wild type there were proportionally more microtubules formed
at microtubule crossovers than in the phot1 phot2 mutant, so now we wanted to
establish what caused this difference. Since we assume that the new microtubules
created at microtubules crossovers are the result of microtubule severing, creating a
growing new plus end, we could imagine two possible mechanisms. The ﬁrst possible
mechanism is that the PHOT1/PHOT2 pathway increases the overall microtubule
severing rate at microtubule crossovers. The second possible mechanism is that the
PHOT1/PHOT2 pathway increases the probability of the newly created microtubule
plus after severing at the crossover en is in a growing state.
To investigate these two hypotheses we analyzed microtubule crossovers in wild
type and phot1 phot2 in our 30-minute movies with 5s time intervals. For each
crossover we marked if microtubule severing took place, what the time was between
the creation of the crossover and the severing event and whether the newly created
plus end was growing or shrinking. In wild type, out of 1115 crossovers, 522 resulted
in microtubule severing (47%), whereas in phot1 phot2 out of 616 crossovers, 220
resulted in microtubule severing (36%) (Figure 5.5 d). The lower microtubule severing
rate in the phot1 phot2 mutant was highly signiﬁcant (p « 0.001, binomial test). Also,
the time after the microtubule crossover had created severing was signiﬁcantly longer
in the phot1 phot2mutant than inwild type (p = 0.0024, Mann-WhitneyU test) (Figure
5.5 e and f). When we compared the proportion of microtubule severing events that
resulted in a new growing plus end, we did not observe a signiﬁcant difference
between wild type and phot1 phot2 (p = 0.201, binomial test).
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5.3.8 Phototropism requires cortical microtubule reorientation
The PHOT1/PHOT2 proteins have been shown to be involved in phototropism and
growth inhibition and we wanted to ﬁnd out if microtubule reorientation was re-
quired for any of these effects. We grew seedlings in the dark for wild type and the
blue light photoreceptor double mutants cry1 cry2 and phot1 phot2 in col0 and wild
type and ktn1-1 in ws. We compared their hypocotyl growth speed before and after
we turned on the monochromatic blue light. Kymographs taken from the growing
hypocotyls are shown in Figure 5.6 (a) and their average growth velocities before
and after blue light exposure are shown in Figure 5.6 (b). Only in the phot1 phot2
mutant did we not see a signiﬁcant reduction in hypocotyl growth velocity after
the blue light was turned on. The ktn1-1 mutant that is deﬁcient in microtubule
reorientation shows an immediate reduction in growth velocity, with similar kinetics
as wild type plants. The growth velocity in the blue light for the ktn1-1 mutant was
not signiﬁcantly different from the growth velocity of wild type plants in blue light.
These data indicate that microtubule reorientation is not required for the growth
inhibition of the PHOTOTROPIN blue light response.
To ﬁnd out if microtubule reorientation is required for phototropism we wanted
to establish whether ktn1-1 plants are defective in phototropism. To answer this
question we used a photo curvature assay (Christie et al., 2011) (Figure 5.6 c). For
comparison, wild type and ktn1-1 seedlings were grown in the dark for 8h (Figure 5.6
d) or they were illuminated from the side by monochromatic blue light (2 μmol m−2
s−1). We found that the ktn1-1 (17.2 ± 7.2, n=14) mutant showed a signiﬁcantly lower
hypocotyl bending than wild type (44.8± 16.4, n=14) in response to the unidirectional
blue light (p «0.0001, StudentÕs t-test). When we calculated the growth velocity of
the hypocotyls in this assay, we found that the growth velocity of wild type and ktn1-1
plants was not signiﬁcantly different. In other words, the ktn1-1 plants grow fast
enough to perform phototropism, but yet they are defective in doing so. Therefore
we propose that microtubule reorientation is required for phototropism.
5.4 Discussion
Our results show that microtubule reorientation in dark grown hypocotyl cells is a
blue light response that is primarily mediated by the PHOT1/PHOT2 pathway. In the
phot1 phot2 mutant microtubule reorientation is slower but it can still take place.
The phot1 phot2 mutant used in our study, the phot2 mutation is not a complete null.
This could explain why we still observe microtubule reorientation in this mutant. In
addition, it is also possible that the CRY1/CRY2 pathway has a role in microtubule
reorientation, since we also observed a lower reorientation speed in the cry1 cry2
double mutant. Furthermore, phototropins and cryptochromes are known to interact
in blue light responses (Folta and Spalding, 2001).
We found two different mechanisms by which new microtubules were created
during the blue light response in dark grown hypocotyl cells. The ﬁrst type of new
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Figure 5.6: Microtubule reorientation and the phototropic response (a)
Kymographs of etiolated hypocotyl elongation in different genotypes in
red safelight for 1h. The blue arrows mark the moment the blue light
is turned on for 1 h. (b) Mean growth speed of etiolated hypocotyls
of col0 wild type (22 plants), col0 cry1 cry2 double (18 plants), col0
phot1 phot2 (22 plants), ws wild type (16 plants) and ws ktn1-1 (22
plants). The asterisks mark a signiﬁcant reduction in Mann-Whitney U
test of etiolated hypocotyl elongation speed after blue light induction.
(c) Pictogram of the measurement of photocurvature of the hypocotyls.
(d and e) Seedlings of wild type and ktn1-1 germinated in a 16h light 8h
dark cycle for three days and then grown in the dark for two days and (d)
kept in the dark for 8h or (e) illuminated by blue light from the side.
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microtubule initiation was nucleation from a γ-TuRC complex (Nakamura et al.,
2010; Kirik et al., 2012). It was shown that for these nucleations there are two main
classes, microtubules branching at 40◦ from the mother microtubule and growing
in the same orientation as the mother microtubule (Chan et al., 2009; Nakamura
et al., 2010; Kirik et al., 2012). We found that in the phot1 phot2 double mutant there
were signiﬁcantly more microtubules nucleated parallel to the mother microtubule
in proportion to branched nucleation than in wild type. This result indicates that
the PHOT1/PHOT2 blue light response increases the degree of branching nucleation
with respect to the parallel nucleations. The fraction of microtubule nucleations
parallel the mother microtubule we found in wild type plants is lower than what was
found in earlier studies (Chan et al., 2009; Nakamura et al., 2010; Kirik et al., 2012).
This can perhaps partly be explained by the difference in laser power and exposure
time used in the different experiments as the light response itself changes this ratio. It
is not likely that the differences are caused by observer bias since part of the current
data set was also analyzed by authors of one of the previous studies (Nakamura et al.,
2010).
Wightman and Turner (2007) previously showed that microtubule severing prefer-
entially occurs at microtubule crossovers. Here we show that indeed GFP-KTN signal
accumulates at microtubule crossovers (Figure 5.4). We are not able to optically
resolve the severing event itself, but we can observe the consequence of the severing
event. It is relatively easy to observe severing events in which the newly created mi-
crotubule plus end starts depolymerizing (Figure 5.4 a)(Movie S6). We observed that
during the blue light induced microtubule array reorientation a large number of new
microtubules originated from microtubule crossover sites (Figure 5.3 and Figure 5.5).
Our analysis showed that the microtubule nucleation complex marker GCP2-3xGFP
was absent from the crossover site in most cases (> 97%) of microtubule initiation
at microtubule crossovers, which makes microtubule nucleation an unlikely source
for creating the microtubules initiating at crossovers. We argued that it could also be
possible for the new plus end after severing to go into a growing state instead of a
shrinking state. A severing event effectively creates two new microtubules and when
the new microtubule plus end is growing, it would show what we observe; a new
growing plus end originating from the point of severing, the microtubule crossover.
Because the growing new plus end after severing generally grows in roughly the same
direction as the new leading microtubule, a new growing plus end from a crossover
visually stands out less than a new shrinking plus end. We show that GFP-KTN is
present at the crossover when a microtubule starts shrinking from a crossover as
well as when we see a new microtubule end originating from crossovers. We did not
observe evidence for microtubule severing at crossovers in the ktn1-1 mutant, nor
did we observe new growing microtubules being generated at microtubule crossovers.
We therefore propose that the newly formed growing plus ends at crossovers are the
result of microtubule severing by KATANIN at the crossover site resulting in a new
microtbule plus end in a growing state.
Mathematical modeling of microtubule severing has shown that if new plus ends
created by severing start off in a shrinking state, the number of microtubules in the
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system stays the same, and the average microtubule length is decreased (Tindemans
and Mulder, 2010). This is an important consideration for the KATANIN mediated
microtubule reorientation mechanism we have described here. This means that
microtubule severing creating a shrinking plus end does not contribute to generating
more microtubule length in the longitudinal orientation. So only the new micro-
tubules created by severing that result in a new growing plus end can contribute to
the increase in longitudinal order. The chemistry and proteins at microtubule plus
ends are important for their stability (Howard and Hyman, 2003; Akhmanova and
Steinmetz, 2008). We are investigating whether activity of plus end binding proteins
is required for stabilization of the newly created microtubule plus ends by severing
at microtubule crossovers. Figure S5.1 shows reorientation speeds in a number of
plus end binding protein mutants in Arabidopsis expressing YFP-TUA5. The clasp1
mutant plants show exceptionally low reorientation speeds. Interestingly, we had
observed earlier (unpublished work) that the ﬂuorescence intensity of labeled CLASP
increased more at microtubule crossover sites than the microtubule ﬂuorescence
intensity at the microtubule crossover. Further examination is needed to show how
these microtubule plus end binding proteins inﬂuence microtubule reorientation.
The chance of microtubule severing at microtubule crossovers was higher in wild
type than in the phot1 phot2 mutant. This shows that microtubule severing is upreg-
ulated by PHOTOTROPIN signaling. Therefore, we propose that the PHOTOTROPINS
alter KATANIN activity in dark grown hypocotyl cells when exposed to blue light.
We propose mechanism with two components for the blue light induces mi-
crotubule reorientation Figure (5.7). The ﬁrst step in reorientation is generating a
number of longitudinal microtubules. A branched nucleation on a newly branched
microtubule from a transverse microtubule will yield a more ore less longitudinally
oriented microtubule. The chance of such an event occurring is increased by the
increase in the proportion of branched nucleation in the blue light response. These
new longitudinal microtubules form a large number of microtubule crossovers with
the existing transverse array and will therefore have a large chance to be severed
by the upregulation of severing activity at microtubule crossovers. Each severing
event has the potential to generate a new growing microtubule plus end that is also
longitudinal. These new longitudinal microtubules have a higher chance of severing
than the preexisting transverse microtubules. This new microtubule in turn also
forms many crossovers and can also generate new longitudinal microtubules. Figure
5.3 (h) demonstrates that by far the largest proportion of new microtubules created
at microtubule crossovers have a longitudinal orientation. In the PHOT1/PHOT2
response, the plant exploits the existing transverse microtubule array, which it seeds
with a small number of longitudinal microtubules created by branched nucleation. A
KATANIN based microtubule ampliﬁer is then used to create a large number of longi-
tudinal microtubules. This type of regulation of microtubule organization may also
play a role in other acentrosomal microtubule arrays (Roll-Mecak and Vale, 2006).
In principal, this reorientation process could be reversible. In other words, why
does the cortical microtubule organization not continually switch between transverse
and longitudinal order? We observed that after reorientation the number of new
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Figure 5.7: PHOTOTROPIN mediated reorientation of cortical micro-
tubules.
microtubules created from severing as well as those from nucleation goes down.
The decrease of new microtubules from microtubule severing is likely the result of
the decrease in the number of microtubule crossovers. It is not clear whether the
decrease in the number of microtubule nucleations over time is the result of active
down regulation of the microtubule nucleating complexes or if it is the result of the
increase of growing microtubule plus ends generated by the microtubule severing.
We are currently setting up simulations, comparable to the simulations we used in
Chapter 2, to address these questions.
The way in which a transverse cortical microtubule array is formed from a longi-
tudinal arrangement does not seem to employ the same mechanism that we found in
our research (Sambade et al., 2012). This process takes hours instead of minutes like
we found, and the microtubule organization seems distinctly different. It is possible
that regulation of KATANIN and microtubule nucleation mode also plays a role in
this process.
PHOT1 and PHOT2 act as both kinases and transcription factors (Christie, 2007).
Since the effect of these proteins on the ratio of 0 versus 40◦ branched nucleation
and severing activity occur within a few minutes, it is unlikely that transcription
plays a role in regulating microtubule nucleation direction and microtubule severing
activity. Further study is required to establish whether the phototropins regulate
these processes directly by their phosphorylation or if they act trough intermediate
molecules.
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Phototropins are involved in growth inhibition and photo curvature (Christie and
Briggs, 2001). Microtubule orientation is potentially important for each of these pro-
cesses. We found that in phot1 phot2 the growth was not signiﬁcantly reduced after
blue light exposure, which is in good agreement with earlier work (Folta and Spalding,
2001). In the ktn1-1 mutant, were we did not observe microtubule reorientation
within one hour, we found that growth inhibition by blue light was not impaired. This
result suggests that microtubule reorientation is not required for growth inhibition,
which is in agreement with a study that showed that growth inhibition preceded
microtubule reorientation in the blue light response in pea shoots (Laskowski, 1990).
To assess whether microtubule reorientation plays a role in creating photo curva-
ture, we compared photo curvature between wild type and the ktn1-1 mutant. We
found that the ktn1-1 mutant was severely impaired in the ability to bend towards the
direction of light. For growing towards the light, differential regulation of expansion
between the side of the plant that perceives largest amount of light and the other side
is required. A difference in auxin level, a plant growth hormone, is found between
these two different sides, but how this regulates the difference in growth behavior
between these sides is not known (Christie et al., 2011). In dark grown hypocotyl cells
the expansion takes place perpendicular to the microtubule orientation. Our results
indicate that perhaps light-induced bending the microtubule reorientation of the
side that perceives the most light causes a change in direction of expansion, which is
dependent on microtubule orientation. In other words, if the cells on the inside of
the photo curvature grow thick and the cells on the other side grow long it creates an
asymmetry in hypocotyl elongation. The advantage of this way of regulating growth
asymmetry is that only the direction of expansion is regulated, allowing the rest of the
cell’s metabolism to remain the same in the cells of the hypocotyl. Further analysis
of the relation between microtubule reorientation and its effect on growth during
phototropism is needed to resolve the relation between microtubule orientation and
photo curvature.
5.5 Materials and methods
5.5.1 Plant material
All experiments were performed in three-day-old dark grown etiolated hypocotyls
of Arabidopsis thaliana. Three constructs were used for imaging of cortical micro-
tubules, 35S-YFP-TUA5 (Shaw et al., 2003), 35S-GFP-TUB6 (Nakamura et al., 2004)
and mCherry-TUA5 (Gutierrez et al., 2009). The cry1 cry2 and phot1 phot2 double mu-
tants lines contain the YFP-TUA5 marker and are in the Columbia (col0) ecotype. The
ktn1-1 and spr3 mutants contain the GFP-TUB6 marker and are in the Wassilewskija
(ws) ecotype (Nakamura et al., 2004). Wild type Arabidopsis plants expressing YFP-
TUA5 and mCherry-TUA5 were in the col-0 ecotype while the GFP-TUB6 was used in
the ws ecotype.
The GFP-KTN construct was generated from katanin p60 subunit (At1g80350)
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genomic region including a 1005-bp region 5’-upstream from initiation ATG and a
1039-bp region 3’-downstream from the stop codon and a smRS-GFP inserted at
the Sma?and Nae? sites which had been introduced before initiation ATG codon of
KAT by PCR. The insert was excised by NotI, and was inserted into the binary vector
pBIN19. The resulting binary vector was used to transform ktn1-2 mutant plants
(CS816005) in which a single T-DNA was inserted after the 147th of the 5th exon from
ABRC. The mCherry-TUA5 expressing plants were then crossed to the GFP-KTN /
ktn1-2 lines, and the F3 progeny plants expressing both reporters were analyzed.
5.5.2 Plant growth
Seeds were surface sterilized, stratiﬁed for 3 days at 4 ◦C, and sown on 1% agar
containing Hoagland’s No. 2 basal salts at pH 5.7. After 1 h of light exposure, the
seedlings were grown in darkness for 60Ð72 h at 22 ◦C.
5.5.3 Specimen mounting
Seedlings were mounted under red safelight conditions to prevent de-etiolation.
Seedlings were gently placed on a cover slip in sterile water and afﬁxed with a 1 mm
thick 1% agarose pad. The slide is left resting for at least 20 minutes before mounting
it on the microscope to reduce specimen drift.
5.5.4 Microscopy
For microscopy we used a spinning disk confocal setup with a Yokogawa CSU-X1
spinning disk head on a Nikon Eclipse Ti body with perfect focus system (Chapter 2).
To ensure that the imaging and light conditions were the same for every experiment
we measured the laser power of the 491 nm laser (and 561nm for the mCherry
exitation) at the optical ﬁber output that goes in the spinning disk head and set it to
8.2 mW. Image acquisition was done at 300 ms, every 10s over 60 minutes or at a 5s
interval for 30 minutes. The mCherry-TUA5 GCP2-3xGFP plants were imaged with a
5s interval for 30 minutes using 8.2 mW laser output and 300 ms exposure time for
both the 491 and 561 laser at the optical ﬁber.
5.5.5 Image analysis
To quantify microtubule orientation and order we developed an automated image
analysis ImageJ plugin. In the plugin we deﬁne an elongated kernel for which we
deﬁne a length and width. In our analysis we chose a width of 3 pixels and a length of
21 pixels. Images are padded with zeros depending on the length of the kernel. At
each pixel of the image we rotate the kernel and sum up the intensity in the kernel.
Intensities are calculated using bilinear interpolation. For each pixel, the angle that
resulted in the highest integrated kernel intensity was marked as the angle at the pixel.
The user can deﬁne the number of angles. We used 20 angles for all our orientation
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analysis. The plugin labels the orientation per pixel of pixels that were above the
threshold level (supplemental movie S1). This information is then further processed
in MATLAB to extract the microtubule orientation over time. We aim to make the
plugin freely available.
5.5.6 Microtubule reorientation analysis
From the image analysis we have the orientation of all pixels above the threshold
value over twenty bins. To be able to pinpoint the moment in time where the longi-
tudinal microtubule order becomes dominant over the transverse order we deﬁned
two ﬁlter functions: T for transverse order and L for longitudinal order. For T, the
fraction of angles between 67.5◦ and 112.5◦ is multiplied by 1, the rest by -1/3. For L
the fraction of angles between 0◦ and 22.5◦ plus the ones between 157.5◦ and 180◦ are
multiplied by 1, also the rest by -1/3. When the angular distribution is random, T and
L have a value of 0. Positive T or L values show overrepresentation in the correspond-
ing orientation, negative values underrepresentation. We ﬁtted the ﬁtted the data of
T and L over time with a cubic polynomial ﬁt. We wanted to focus on the build up of
the longitudinal order so we used the average increase in longitudinal order over time
as the measure for the speed of reorientation. We calculated the average increase
of L over time from the start of acquisition until L reached 0, as this part is has an
approximately linear increase. When longitudinal order is obtained, the increase in
L levels off, therefore we excluded this part from the calculation of L. In cases L did
not reach zero, we divided the total increase in L by the total observation time. All
steps mention in this ‘data analysis’ section were incorporated into a MATLAB script.
Hereby we were able to work through large data sets quickly and limit observer bias.
5.5.7 Microtubule initiation analysis
As a visual aid for detecting new microtubules we performed a walking image subtrac-
tion of three frames on the mCherry-TUA5 signal and selected the positive difference.
This approach results in ‘comets’ reminiscent of ﬂuorescent labeling of plus end
binding proteins. We made these ‘comets’ green added them to the grayscale micro-
tubule images. We found that a difference of 3 frames was optimal for the visibility
of the growing microtubule ends. Because we wanted the growing end to precede
the already existing part of the microtubule we deleted the last three frames of the
original ﬁle. This approach works correctly for the growing ends but this means that
the shrinking are not shown correctly. Therefore we also used the original image of
which the ﬁrst three frames were deleted as the correct representation.
For all new microtubules we scored the position, time, if it originated from a
preexisting microtubule, the angle of the preexisting microtubule, the angle of the
new microtubule, if the new microtubule originated from a microtubule crossover
and if GCP was present (in the double labeled line).
For the crossover analysis we marked the position and moment of crossover cre-
ation, moment of crossover disappearance. When a crossover disappeared we asked
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if severing of the preexisting microtubule had taken place and if that microtubule
started off in a growing or shrinking state. We asked the same question for severing
of the new microtubule at the crossover.
5.5.8 Hypocotyl elongation and photocurvature
Plates with seedlings were imaged in red safelight (Paterson) with a 5 minute time
interval. After 1h we turned on a blue light with a diode array (EagleLight). We
made kymographs along the elongation axis of the hypocotyls to measure the growth
velocities before and after blue light induction. For photo curvature we used the
assay described in (Christie et al., 2011).
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Figure S5.1 Microtubule reorientation speeds in wild type and plus end
binding proteins. Asterisks indicate signiﬁcant reduction from wild type
(Mann-Whitney U test).
General discussion 6
As they are not able to move, higher plants have evolved ﬂexible mechanisms of
development and growth that allow them to optimize crucial functions such as
photosynthesis, nutrient uptake, water balance and reproduction in response to
spatial and temporal environment heterogeneity. Morphogenetic ﬂexibility is due
both to the modular design of plant development and the ability to regulate the
geometry and magnitude of individual cell expansion, a process that drives the
growth and shape of the organs they make up.
It is crucial for plants to be able to adjust their growth to their environment
constantly. We know that the microtubule cytoskeleton and cell wall deposition are
important, but we do not understand by what mechanism they regulate plant cell
growth. Cortical microtubules organize cellulose deposition by guiding delivery and
movement of the cellulose synthase complexes (Paredez et al., 2006). However, this is
not sufﬁcient to explain how plants can readjust their cellular growth behavior in re-
sponse to environmental cues. In this ﬁnal chapter we will discuss possible additional
roles for the cortical microtubule array in regulating anisotropic cell expansion.
6.1 Cell expansion and turgor pressure
Turgor pressure is the driving force for cell expansion (Ray et al., 1972). As turgor
pressure is the same in all directions (isotropic), the acquisition of differentiated
cell shape requires generating material anisotropies in the cell wall. In addition, the
cell must tune the physical properties of the cell wall very precisely because the cell
wall must yield to the turgor pressure, but only partially. If the cell wall is too stiff,
the cell cannot grow and if the cell wall is not stiff enough the growth and pressure
cannot be contained within the cell wall and the cell will rupture. The mechanisms
for regulating cell wall mechanical anisotropy and yield tuning are fundamental to
plant growth and shape, but are not well understood. When cell grow, they take up
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water causing the turgor pressure to drop, therefore the turgor pressure needs to be
tuned during cell elongation.
6.2 The plant cell wall as a gel
The plant cell wall can in physical terms be regarded as a gel (Jarvis, 1984). Plant
cell walls consist of cellulose microﬁbrils and matrix materials such as pectin and
hemicellulose. In this matrix, the cellulose microﬁbrils are thought to be the load-
bearing component (Somerville, 2006). Cellulose microﬁbrils are long cable like
structures synthesized at the plasma membrane by cellulose synthase complexes.
The cellulose microﬁbrils are coupled by cross-linked hydrogen bonds in the cell wall
matrix materials (Cosgrove, 2005).
Pectins consist of a backbone of β-galacturonic acid. The carboxyl groups on the
β-galacturonic acid are found with different degrees of esteriﬁcation depending on
the cell type and developmental stage. Pectins arrive in the cell wall in the esteriﬁed
form and can be gradually be de-esteriﬁed by enzymes in the cell wall. The negative
charge of the carboxyl group can be coupled to the carboxyl groups of other pectin
chains by covalent anions as calcium and form a gel or network. The more carboxyl
groups are esteriﬁed, the sparser potential cross-links, which inﬂuences the gel
properties of the pectins in the cell wall matrix. The plant cell can regulate the degree
of cross-linking by adjusting pH, calcium and sodium levels in the cell wall (reviewed
by Jarvis, 1984).
Cell wall loosening cannot be solely attributed to the regulation of cross-linking
of pectin gels and McQueen-Mason et al. (1992) identiﬁed a new class of cell wall
proteins. These proteins could be extracted from the cell wall and when this fraction
was reapplied to cell walls it induced cell wall loosening (McQueen-Mason and
Cosgrove, 1994). It was also shown that the cell wall loosening activity was pH
dependent (McQueen-Mason and Cosgrove, 1994). Although extensively they have
been extensively tested for it, expansins do not appear to have enzymatic activities
(Cosgrove, 2005). It has been proposed that expansins loosen cell wall by binding
to cellulose microﬁbrils where they explore them by one-dimensional diffusion and
disrupt hydrogen bonds between the cellulose microﬁbrils and the cell wall matrix
polymers (Cosgrove, 2005). The turgor pressure on the cell wall provides the force
needed for sliding cellulose microﬁbrils relative to each other, allowing the cell wall
surface area to increase and the cell to expand (Cosgrove, 2005).
6.3 Cortical microtubules are required for anisotropy of
growth
Microtubules are protein polymers that assemble linearly as cylinders and are asso-
ciated to the plasma membrane of plant cells (Hardham and Gunning, 1978; Shaw
et al., 2003). In growing plant cells, the cortical microtubules self organize transverse
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to the elongation axis through microtubule - microtubule interactions (Allard et al.,
2010a; Eren et al., 2010; Hawkins et al., 2010; Tindemans et al., 2010).
When microtubule organization is compromised by the use of microtubule spe-
ciﬁc drugs or mutations, the cells lose their ability to expand anisotropically and
bulge (Buschmann and Lloyd, 2008). Two important functions for cortical micro-
tubules in regulating cellulose synthase complex behavior at the plasma menbrane
are known. Firstly, microtubules guide cellulose synthase complexes as they de-
posit cellulose, thus modulating the direction of cellulose deposition (Paredez et al.,
2006). Secondly, microtubules position cellulose synthase complex insertion into the
plasma membrane (Gutierrez et al., 2009). Cellulose orientation is thought to be a
signiﬁcant determinant of the anisotropic yielding properties of the cell wall (Baskin,
2001). While these insights into cortical microtubule array function have been impor-
tant advances, signiﬁcant questions remain about the function of cellulose synthase
complex positioning in modulating patterns of wall growth. Another open question
is whether cellulose orientation alone is sufﬁcient to explain regulation of cell growth
anisotropy by the cortical cytoskeleton (Paredez et al., 2006; Gutierrez et al., 2009).
6.4 Regulation of cell wall properties by cortical micro-
tubules
Anisotropic plant cell growth has been associated with the organization of cellulose
microﬁbrils and the microtubule cytoskeleton (Somerville, 2006). As the cell wall
itself is not part of the living cell, adaptations to the environment are most likely
regulated from inside the cell. In tip growing cells of ﬁssion yeast, fungi and plant root
hairs, microtubules have been shown to be important for determining the direction
of growth (Mata and Nurse, 1997; Riquelme, 1998; Ketelaar et al., 2003) . Also, during
cytokinesis in plant cells, the microtubules in the phragmoplast control the formation
of the new cell wall separating the daughter cells (Kakimoto and Shibaoka, 1987). It
is therefore interesting to investigate whether the cortical microtubule array plays
a role in direction of cell growth of cylindrical cells of the root and shoot beyond
guiding the insertion and movement of cellulose synthase complexes.
6.5 A model for microtubule localized regulation of cell
wall extendibility
Cortical microtubules may regulate plant cell growth and morphogenesis by spa-
tially organizing activities at the plasma membrane in addition to cellulose synthase
complex insertion and guiding of cellulose microﬁbril deposition. Because the or-
dering and orientation of the microtubules at the plasma membrane is critical for
the regulation of the direction of growth, it is likely that microtubule localization is
important for the localization of proteins that are directly involved in cell growth. In
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other words, cortical microtubules may act as a scaffold for recruiting factors that
inﬂuence cell wall extendibility and thereby setting up an anisotropic pattern of cell
wall extendibility.
Expansins are cell wall proteins that mediate cell wall extendibility in a pH depen-
dent manner by disrupting hydrogen bonds in the cell wall matrix (McQueen-Mason
and Cosgrove, 1994), and also pectin networks can be loosened by reduction of the
pH (Jarvis, 1984). In addition, it has been shown that acidiﬁcation of the cell wall is
an essential step in root hair formation (Bibikova et al., 1998). We propose a model
for plant cell growth where the cortical microtubule array creates anisotropy in the
mechanical properties of the cell wall beyond cellulose microﬁbril orientation. In this
model, the cortical microtubules create localized pH-mediated cell wall loosening, by
which the microtubule orientation biases the direction of cell expansion. In growing
cells, the microtubules are transverse to the growth axis and if the cell wall loosening
is dependent on the microtubule orientation, wall extension is perpendicular to the
microtubule orientation. This model leads to two alternative, but not mutually exclu-
sive predictions: (1) Expansin exocytosis is targeted to cortical microtubules, similar
to what was found for cellulose synthase complexes (Gutierrez et al., 2009)(Chapter
3). (2) Microtubules localize proteins that are involved in acidiﬁcation of the cell wall
and create localized ÒbandsÓ of low extracellular pH.
For the microtubule targeted expansin exocytosis hypothesis to work, the lifetime
of expansins needs to be short on the timescale of cell wall extension in order for the
active expansins to have a non uniform distribution in the cell wall. The fact that
expansins can easily be extracted and have cell wall loosening activity when added
to cell walls and their relatively high degree of glycocylation suggest the protein is
relatively stable.
The second hypothesis offers easier adjustment of extendibility than the ﬁrst. The
cell wall components, such as cellulose, cell wall matrix material and expansins are in
place in the cell wall, so for changing the direction of cell expansion, the microtubule
orientation can be adjusted at the plasma membrane as occurs for instance in the
phototropin response (Chapter 5). Another link between cell growth and acidiﬁcation
that the plant growth hormone auxin, that is essential for hypocotyl elongation, pro-
motes acidiﬁcation of the cell wall by regulating the activity of H+-ATPases (reviewed
by Hager, 2003). The cortical microtubules could either asymmetrically localize
factors that increase or decrease cell wall acidiﬁcation in this model.
6.6 Apossible role ofMAP65 family proteins in anisotropic
cell expansion
The microtubule associated protein MAP65 is the plant member of the eukaryotic
PRC/ASE1/MAP65 protein family. MAP65 localized to microtubule bundles but are
not required for microtubule bundle formation in planta (Lucas and Shaw, 2012;
Lucas et al., 2011). The MAP65 proteins in plant cells do not appear to have any
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microtubule bundling activity at the cell cortex (Lucas et al., 2011), and microtubule
bundling does not alter microtubule dynamics(Lucas et al., 2011). Reducing ex-
pression of the MAP65-1 and MAP65-2 by T-DNA insertion and/ or RNAi caused
repression of apical elongation in etiolated hypocotyl cells, while the number of cells
in the hypocotyl did not change. The authors therefore hypothesize that MAP65
proteins positively regulate cell elongation by recruiting growth-promoting factors to
the sites of microtubule bundles (Lucas et al., 2011). Cortical microtubule ordering
generally precedes bundle formation (Chapter 2), so localizing these growth activities
speciﬁcally to bundles and not to single microtubules has the advantage that the
inﬂuence of single microtubules in discordant orientations has little effect on the
anisotropy of cell growth.
6.7 Cellulose deposition to counterbalance cell wall ex-
tension
Cellulose microﬁbrils have a high tensile strength, which means they are not likely to
break under stress. In growing cells the cellulose microﬁbrils are oriented transversely
to the elongation axis, and this material anisotropy in cell wall material has long been
proposed to be the main facilitator of uniaxial cell growth (reviewed by Baskin, 2001).
However, cell wall acidiﬁcation, which is essential for cell growth, affects the degree
of cross-linking of the cell wall matrix, allowing cell wall creep under turgor pressure
(Jarvis, 1984; Cosgrove, 2005). A model in which the cellulose microﬁbrils determine
the direction of expansion does not allow for changes in the axis of growth during
cell development. For instance a growing cell has transverse cellulose microﬁbrils so
therefore it cannot grow in width. Microtubule reorientation and subsequent new
orientation of new cellulose microﬁbril deposition can therefore only restrict growth
in other directions. However, we know that for instance etiolated hypocotyls grow
thicker after de-etiolation.
If we assume that indeed the microtubules localize regions of cell wall loosening,
the cell wall area around the microtubules will extend more, locally diluting cell
wall materials. This dilution needs to be counterbalanced in order to not create
weak spots in the cell wall that could result in catastrophic failure. This offers an
alternative explanation for why the cellulose synthase complexes are inserted prefer-
entially at sites in the plasma membrane with cortical microtubules (Gutierrez et al.,
2009)(Chapter 3), and why a large proportion of cellulose synthase complexes move
along cellulose microﬁbrils (Paredez et al., 2006). This mechanism of regulation of
cell elongation may offer an explanation for the fact that in electron micrographs
cellulose microﬁbrils are packed extremely ordered and evenly spaced while the
cortical microtubules are spaced much further apart and are less ordered.
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Summary
In this thesis we study the roles of microtubules at the plasma membrane and the
cellulose microﬁbrils in the cell wall and how they are organized. This topic is intro-
duces in chapter 1. In chapter 2 we study the formation of the transverse cortical
microtubule array that is characteristic for elongating plant cells. We found that
the cortical microtubule array starts ordered, and that the ﬁrst direction of micro-
tubule order is not transverse to the axis of cell elongation but have a diagonal bias.
Quantiﬁcation of the orientation of microtubule nucleations revealed a signiﬁcant
diagonal bias, which we conﬁrmed by simulations to be sufﬁcient to explain the ini-
tial diagonal order. We found that during disassembly the microtubules also showed
a diagonal bias and a signiﬁcant amount of early microtubule nucleations were not
generated from γ-TuRC microubule nucleating complexes. This led to the idea that
a proportion of the initial nucleations stem from small microtubule fragments of
preexisting microtubules that remained at the cell cortex during cytokinesis or drug
induced microtubule disassembly. We showed with simulations that this type of
nucleation has the capacity to increase the speed with which the cortical microtubule
array is reformed.
In chapter 3 we investigate the trafﬁcking of cellulose synthase complexes from
assembly in the Golgi system to their insertion into the plasma membrane. We ﬁnd
that the actin cytoskeleton is important for the global distribution of Golgi bodies,
which in turn is important for the global distribution of cellulose synthase complexes
in the plasma membrane. Cellulose synthase complexes were inserted into the
membrane preferentially at locations where cortical microtubules were present. We
showed that osmotic stress and a number of cellulose synthesis inhibitors blocked
cellulose synthase insertion into the plasma membrane. The cellulose synthase
complex containing compartmentswere seemingly still being delivered to the cortical
microtubuleswhere they accumulated. These compartments tracked depolymerizing
microtubule ends. When the osmotic stress was relieved, cellulose sythase complex
insertion was resumed from these compartments.
Rapid movement of proteins, organelles and metabolites in the cytoplasm of
plant cells depends on the actin cytoskeleton, whereas microtubules are important
in regulating the location of proteins and cellular processes. In chapter 4 we found
physical interactions between cortical microtubules and actin. We also found that
the formation of the actin cytoskeleton after washing out the actin depolymerizing
drug latrunculin B was dependent on the presence of microtubules. In the presence
of cortical microtubules, new actin ﬁlaments initiated on and in the direction of
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cortical microtubules.
In chapter 5 we investigate the mechanism reorientation of the cortical micro-
tubule array from transverse to longitudinal in response to light signaling. We found
that cortical microtubule array reorientation in dark grown hypocotyl cells was regu-
lated by phototropin a blue light photoreceptor. We found that microtubule reorien-
tation was delayed in phot1 phot2 mutants. We also found that ktn1-1, a null mutant
of KATANIN P60, and spr3, a GCP2 allele with impaired function, severely retarded
microtubule array reorientation in response to light. spry has altered angles of micro-
tubule nucleation relative to the mother polymer, and ktn1-1 abolishes liberation of
microtubules form their nucleation complexes to yield treadmilling polymers and
microtubule severing at microtubule crossovers. We found that in response to blue
light, the proportion of microtubule nucleations branching at 40 degrees from the
mother microtubule to nucleation at 0 degrees from the mother microtubule was
higher in wild type plant than in the phot1 phot2 mutant. We also found that the
chance of microtubule severing at microtubule crossovers was signiﬁcanlty higher
in wild type than in the phot1 phot2 mutant. We propose that upregulation of the
branching nucleations is needed to create a number of longitudinally oriented mi-
crotubules. These microtubules make a large number of crossovers with the existing
transverse array and have an increased chance of being severed. Severing events that
result in a stable new tip contribute to the increase in longitudinal microtubule order
and ultimately lead to complete reorientation from transverse to longitudinal.
The spatial organization of cortical microtubules and cellulose microﬁbrils are
essential for plant morphogenesis, but the mechanism by which is unclear. Chapter
6 discusses the process of cell elongation and offers possible additional roles for
cortical microtubules beyond guiding cellulose microﬁbril deposition in this process.
Samenvatting
Het onderzoek dat in dit proefschrift beschreven staat gaat over de relatie tussen de
microtubuli aan de binnenkant van de plasmamembraan en de cellulose microﬁ-
brillen in de celwand aan de buitenkant van die membraan. Dit onderwerp wordt
geT¸ntroduceerd in hoofdstuk 1. In hoofdstuk 2 bestuderen we hoe de corticale micro-
tubuli zich dwars op de groeirichting van de cel organiseren. We hebben vast kunnen
stellen dat de eerste microtubuli die terugkomen in de celcortex na celdeling of
experimentele afbraak niet voornamelijk dwars, maar voornamelijk diagonaal, op de
groeirichting van de cel terugkomen. Door de richting van de nucleaties van nieuwe
microtubuli te kwantiﬁceren hebben we gevonden dat de nieuwe microtubuli bij
voorkeur diagonaal op de cel-as nucleëren. Met computersimulaties hebben we laten
zien dat wanneer we experimenteel een bepaalde mate van voorkeur voor diagonale
microtubuli nucleaties gebruiken, de simulaties de gemeten ontwikkeling van de
organisatie van de corticale microtubuli dwars op de groeirichting bijna exact repro-
duceren. Verder vonden we dat tijdens het verdwijnen van de corticale microtubuli
de microtubuli ook tijdelijk een diagonale organisatie hadden en dat een deel van de
eerste nieuwe microtubuli niet colocaliseerden met γ-tubuline nucleatie-complexen.
Dit heeft geleid tot het idee dat een deel van de eerste nieuwe microtubuli ontstaan
uit kleine fragmenten van microtubuli die niet volledig zijn verdwenen tijdens de
afbraak van de corticale microtubuli. De computersimulaties hebben verder laten
zien dat de opbouw van de dichtheid van de corticale microtubuli sneller verloopt
wanneer deze fragmenten aanwezig zijn.
In hoofdstuk 3 onderzoeken we hoe de cellulose synthase-complexen vanuit
het Golgi-systeem naar in het plasmamembraan worden gebracht. We hebben ge-
vonden dat het actine-cytoskelet belangrijk is voor de globale distributie van Golgi
lichaampjes, die op hun beurt weer bepalend zijn voor de globale distributie van
cellulose synthasecomplexen in het plasmamembraan. We hebben vastgesteld dat
cellulose synthasecomplexen bij voorkeur in het plasmamembraan gebracht worden
op plaatsen waar corticale microtubuli aanwezig zijn. Daarnaast hebben we ontdekt
dat onder osmotische stress en na het toedienen van enkele cellulose productie-
remmers, minder cellulose synthasecomplexen in de plasmamembraan gebracht
worden. Compartimenten die cellulose synthasecomplexen bevatten verzamelen on-
der deze omstandigheden op microtubuli en volgen depolymeriserende microtubuul
einden. Wanneer deze stress wordt weggenomen wordt het inbrengen van cellu-
lose synthasecomplexen vanuit de op de microtubuli verzamelde compartimenten
hervat.
136 Samenvatting (Dutch summary)
De snelle beweging van eiwitten, organellen en metabolieten in het cytoplasma
van plantencellen, cytoplasmastroming, is afhankelijk van het actine cytoskelet, ter-
wijl het microtubuli cytoskelet belangrijk blijkt te zijn voor het reguleren van de
plaatsing van eiwitten zoals bijvoorbeeld hierboven beschreven. In hoofdstuk 4 be-
schrijven we de fysieke interacties die we hebben gevonden tussen actine ﬁlamenten
en microtubuli. Daarnaast hebben we aangetoond dat het opbouwen van het actine
cytoskelet afhankelijk is van de aanwezigheid van microtubuli. In de aanwezigheid
van microtubuli ontstaan de eerste nieuwe actine ﬁlamenten op microtubuli en
nemen daarnaast ook dezelfde orientatie aan.
In hoofdstuk 5 onderzoeken we het mechanisme van heroriëntatie van de cor-
ticale microtubuli van een organisatie dwars op de groeirichting naar parallel aan
de groeirichting tijdens de lichtrespons. In Arabidopsis hypocotylcellen, die in het
donker waren gegroeid, bleek de heroriS´ntatie voornamelijk afhankelijk van photo-
trophine, een blauw-licht fotoreceptor. De heroriëntatie was signiﬁcant vertraagd in
phot1 phot2 planten, waarin beide phototropinen zeer sterk zijn gereduceerd zijn.
Daarnaast vonden we dat ktn1-1 een nulmutant voor een KATANIN P60 onderdeel
en spr3, een allel voor GCP2 met verzwakte functionaliteit zeer sterk vertraagd waren
in de snelheid waarmee deze planten tot heroriëntatie van corticale microtubuli in
staat bleken in reactie op blauw licht. spr3 planten hebben een veranderde richting
van microtubuli-nucleatie ten opzichte van de microtubuli van waaraf ze nucleëren.
In ktn1-1 is het vrijmaken van de microtubuli vanaf het γ-tubuline nucleatiecomplex
uitgeschakeld, waardoor de microtubuli niet in staat zijn vanaf de - kant te depo-
lymeriseren. Daarnaast is het breken van microtubuli op plaatsen waar corticale
microtubuli elkaar overkruisen in ktn1-1 volledig afwezig. In reactie op blauw licht
is de proportie van microtubuli-nucleaties die onder een hoek van 40 graden ten
opzichte van een bestaande microtubuli plaatsvinden in vergelijking tot de proportie
van nucleaties in dezelfde oriëntatie als de bestaande microtubuli hoger in wildtype
planten dan in phot1 phot2 mutanten. Verder is de kans dat microtubuli breken
op de plaats waar ze elkaar overkruisen signiﬁcant hoger in wildtype dan in phot1
phot2. We veronderstellen dat de eerste stap van heroriS´ntatie het verhogen van de
microtubuli-nucleaties onder een hoek van 40 graden met een bestaande microtu-
buul is. Dit is nodig om de mogelijkheid te creëren dat er microtubuli onstaan die
parallel aan de groeirichting van de cel liggen. Deze microtubuli maken een groot
aantal overkruisingen met bestaande microtubuli. Door de verhoogde kans op het
breken van microtubuli op deze overkruisingen wordt het aantal microtubuli parallel
aan de groeirichting van de cel verhoogd. Doordat een deel van de microtubuli die
ontstaan zijn door het breken van microtubuli stabiel is, verandert de oriëntatie van
dwars op de groeirichting naar parallel aan de groeirichting.
De ruimtelijke organisatie van corticale microtubuli en cellulose microﬁbrillen
zijn essentieel voor plantmorfogenese, maarwelkmechanismehier aan ten grondslag
ligt is nog onduidelijk. Hoofdstuk 6 behandelt het proces van celgroei en bied ideeën
mogelijk aanvullende rollen voor corticale microtubuli naast het leiden van cellulose
synthasecomlexen en dus de orientatie van depositie van cellulosemicroﬁbrillen.
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